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ABSTRACT
Marine turtles are distributed in temperate, sub-tropical and tropical waters and
beaches worldwide, often in areas heavily impacted by humans. Although there are many
threats to marine turtle populations, the growing threats of nutrient pollution and harmful algal
blooms are relatively understudied despite their widespread impacts on coastal marine
ecosystems that marine turtles depend on. By studying juvenile green turtles (Chelonia mydas)
in the Indian River Lagoon, Florida, where nutrient pollution and HABs are a widespread and
longstanding issue, I aimed to conduct a case study of how these threats may affect this
federally Threatened species. In Chapter 2, I used four concurrent, 18-year data sets to
characterize and assess the interrelatedness of long-term trends in seagrass cover, macroalgae
occurrence, juvenile green turtle abundance, and juvenile green turtle growth rates. From 2000
to 2018, IRL seagrass cover declined precipitously, macroalgae rose slowly through 2011 then
declined during two severe HABs, juvenile green turtle abundance declined slowly, and growth
rates declined through 2011 then rose through 2018. In Chapter 3, I conducted a 9-year study
of juvenile green turtle foraging ecology using a comparative stable isotope approach. I found
that carbon and nitrogen stable isotopic variance declined during and after two severe HABs in
the IRL. In Chapter 4, I used two complementary methods to assess the diet of juvenile green
turtles after two severe algal blooms in order to assess changes compared to previous diet
studies. Visual identification of forage items showed that juvenile green turtle diet remained
dominated by nutrient-tolerant red macroalgae with smaller components of seagrass and green
algae; metabarcoding techniques largely failed to resolve their diet. My results highlight the
web of complex effects and responses that factor in to determining the effects of nutrient
iii

pollution and HABs on juvenile green turtles. Future studies of habitat selection, foraging
ecology, and the effects of these on juvenile green turtle growth and survival are needed to
fully assess the threat of nutrient pollution.
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CHAPTER 1: INTRODUCTION
Conservation biology is a crisis discipline trying to solve and prioritize urgent problems
to prevent the loss of biodiversity (Soulé 1985). As part of the triage process, the efforts of
conservation biologists are necessarily directed towards the most pressing threats. These may
be acute threats like poaching (Challender and MacMillan 2014, Wittemeyer et al. 2014) and
habitat loss (Fahrig 1997, Munday 2004, Laidre et al. 2015, Powers and Jetz 2019) or long-term
threats that require urgent action like climate change (Parmesan and Yohe 2003, Garcia et al.
2014, IPCC 2014). This triage process, however, can often be neglectful of threats that occur
slowly over long periods as a result of shifting baselines. For example, climate change has long
been a threat that required urgent action but only in the last decade has public awareness
begun to match this urgency (Attari et al. 2010, Ratter et al. 2012, Bairdi and Morana 2021).
For marine turtles, this same dynamic is at play. Marine turtles are distributed
throughout temperate, sub-tropical, and tropical waters worldwide, often in areas also heavily
used by humans (e.g., Eguchi et al. 2010, Fuentes et al. 2016, Dawson et al. 2017, Hart et al.
2018, Fuentes et al. 2020). There are many urgent threats to marine turtles, including fisheries
bycatch (Finkbeiner et al. 2011, Wallace et al. 2013, Lewison et al. 2014, Putman et al. 2020),
human consumption and illegal wildlife trade (Hancock et al. 2017, Miller et al. 2019), sea level
rise and coastal development (Reese et al. 2013, Fuentes et al. 2016, Lyons et al. 2020),
warming beaches and the resulting feminization of hatchlings (Jensen et al. 2018, Monsinjon et
al. 2019), and plastic pollution (Duncan et al. 2019, Senko et al. 2020). These threats vary in
their relative importance among locations, but each is an urgent and severe threat worthy of
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conservation concern. Despite these threats, some sea turtle populations are recovering
globally as a result of conservation actions (Chaloupka et al. 2007, Mazaris et al. 2017), but
these recoveries are certainly not uniform among species and regions (e.g., eastern Pacific
leatherbacks, The Laúd OPO Network 2020, Benson et al. 2020; see global assessments of sea
turtle conservation priorities in Wallace et al. 2011). Even for so-called “recovering” species,
long generation times and complex population dynamics of marine turtles will require
conservation actions for some time.
As marine turtle conservation efforts continue, other threats must be assessed to
determine their impact on marine turtle populations. For example, nutrient pollution has long
been a concern in marine conservation as a result of its impacts on marine communities
(Carpenter et al. 1998, Howarth et al. 2002). In particular, the negative effects of nutrient
pollution on seagrass meadows and coral reefs and their transfer across taxa and ecosystems
are of conservation concern (Udy et al. 1999, Unsworth et al. 2008, Waycott et al. 2009, Connell
et al. 2017, Silbiger et al. 2018, Donovan et al. 2020). Human populations continue to grow
worldwide and continue to become more concentrated on coastal areas (Kummu et al. 2016),
which could increase the severity of existing conservation issues and threats.
Nutrient pollution can sometimes lead to harmful algal blooms (HABs; Anderson et al.
2002, Anderson et al. 2008, Heisler et al. 2008), which are large increases in the biomass of
dinoflagellates, cyanobacteria, or diatoms that cause harm to an ecosystem, either through the
production of toxins or due to problems caused by their large and sudden increases in biomass
(Hallegraef 2003). Harmful algal blooms may occur in freshwater systems, which are typically
phosphorus-limited systems (Schindler 1977), or in oceanic and estuarine waters, both of which
2

are oligotrophic, nitrogen-limited systems (Howarth and Marino 2006). Nutrient pollution is
often pinpointed as an ultimate cause of HABs because it alters these key nutrient dynamics in
favor of harmful species (Anderson et al. 2002, Anderson et al. 2008, Heisler et al. 2008, Glibert
et al. 2018). In disparate locations around the globe, including Tolo Harbor, Hong Kong
(Hodgkiss and Chan 1983), Puget Sound, USA (Trainer et al. 2003), Adriatic Sea (Moncheva et al.
2001), Black Sea (Bodeanu 1993), and Chesapeake Bay (Glibert et al. 2001), increases in
nutrient pollution are correlated with increases in the frequency of HABs. These correlations
are backed by stable isotope analyses linking increases in nutrients, especially
anthropogenically-derived nitrogen, to increases in harmful algal populations (Lapointe and
Bedford 2011, Lapointe et al. 2015, Barile 2018). Nitrogen inputs may come from runoff,
atmospheric deposition (i.e., airborne pollutants deposited through rainfall), and groundwater
inputs (Paerl 1997). Differences in the relative levels of nitrogen, phosphorus, silicon, and other
major nutrients can select for different algal taxa and affect the magnitude of a bloom
(Anderson et al. 2002, Glibert et al. 2018). Although the levels of nutrient input and their
relationship with HABs vary among locations (Anderson et al. 2008), it is clear that coastal
eutrophication favors development of HABs (Heisler et al. 2008).
Harmful algal blooms are highly varied in both their causes and effects, but most study
of their impacts has focused on economic and human health effects (Anderson et al. 2002,
Hoagland et al. 2002). As HABs become more frequent and widespread (Gobler 2020), it is
increasingly important to understand their ecological impacts as well. Although many studies
have documented the large die-offs of fish, shellfish and other taxa that often accompany HABs
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(especially blooms of toxin-producing species), the sub-lethal effects of HABs and their impacts
on animal distributions are not as well-studied (Landsberg 2002, Hallett et al. 2016).
It is clear that nutrient pollution and HABs are an urgent marine conservation concern,
yet study of their effects on marine turtles has primarily been limited to studies of HAB toxins
(e.g, Capper et al. 2013, Perrault et al. 2020) and rates of fibropapillomatosis (van Houtan et al.
2010). The ecological impacts of nutrient pollution and HABs may regulate marine turtle
abundance, growth, and trophic role in ecosystems. In my dissertation, I work to fill some of
these knowledge gaps regarding the impacts of nutrient pollution and HABs by studying green
turtles (Chelonia mydas), the most likely species to be affected by these processes due to their
primarily herbivorous foraging. Green turtles, like most sea turtle species, have a complex life
cycle that paradigmatically consists of emerging from a sandy beach and entering the ocean
within minutes, a short pelagic juvenile life stage (mean = 3 years, Goshe et al. 2010; Carr 1987,
Mansfield et al. 2021), followed by a transition to neritic habitats through adulthood (Musick
and Limpus 1997, but see González Carmen et al. 2012, Turner Tomaszewicz et al. 2018). Once
they reach the neritic zone, they are typically primary consumers that depend directly on
seagrass and macroalgae for food, with some degree of dependence on animal matter that
varies among sites (Jones and Seminoff 2013).
By studying juvenile green turtles in the Indian River Lagoon, Florida, where nutrient
pollution and HABs are a widespread and longstanding issue, I aim to conduct a case study of
how these threats may affect this federally Threatened species. In Chapter 2, I use four
concurrent, 18-year data sets to characterize assess the interrelatedness of long-term trends
seagrass cover, macroalgae occurrence, juvenile green turtle abundance, and juvenile green
4

turtle growth. In Chapter 3, I conduct a 9-year study of juvenile green turtle foraging ecology
using a comparative stable isotope approach. In Chapter 4, I assess the diet of juvenile green
turtles after two severe algal blooms in order to assess changes compared to previous diet
studies. In Chapter 5, I summarize my results in the context of other threats and suggest future
directions that may increase our understanding of the processes underlying nutrient pollution
effects on juvenile green turtles.
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CHAPTER 2: INCONGRUENT LONG-TERM TRENDS IN A MARINE
CONSUMER AND PRIMARY PRODUCERS IN A HABITAT AFFECTED
BY NUTRIENT POLLUTION
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2021. Incongruent long-term trends of a marine consumer and primary producers in a habitat
affected by nutrient pollution. Ecosphere 12(6):e03553. 10.1002/ecs2.3553
Introduction
Conservation biology focuses on species, populations, and ecosystems that are
negatively impacted by human activities (Soulé 1985). Marine systems in general are often
perturbed by a suite of anthropogenic threats (Halpern et al. 2007); however, coastal systems
are closest to concentrated human populations, with 29% of the world’s overall population and
46% of the world’s urban population found within 100 kilometers of the coast (Kummu et al.
2016). As a result of these concentrated human populations, coastal ecosystems are threatened
by commercial, recreational, and residential activities (Kennish 2002, Todd et al. 2019).
Estuaries are representative of the diffuse and diverse threats faced by coastal
ecosystems; it is likely that nearly all estuaries face anthropogenic impacts in some way
(Kennish 2002, Todd et al. 2019). Of particular note is the impact of nutrient pollution and
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eutrophication. Increased availability of nutrients within an estuary can stimulate the growth of
both macroalgae and phytoplankton (Tomasko and Lapointe 1991, Short et al. 1995, Lapointe
et al. 2015). Epiphytic macroalgae and microscopic phytoplankton compete for and decrease
the available light for benthic species such as seagrasses, leading to decreased growth and
survival (Tomasko and Lapointe 1991, Short et al. 1995, McGlathery 2001, Lee et al. 2007).
Excess nutrients are also often implicated in harmful microalgal and phytoplankton blooms
(Anderson et al. 2008, Heisler et al. 2008; hereafter we use the acronym HAB(s) to refer to
blooms of microscopic taxa, although the term “harmful algal bloom” is also sometimes used to
describe macroalgal blooms), which can extend and exacerbate existing impacts of nutrient
pollution on primary producers (Phlips et al. 2015, Lapointe et al. 2020).
Despite the widespread occurrence of nutrient pollution and its known potential for
affecting primary producers, our understanding of nutrient pollution impacts on consumers is
limited. While the direct toxicological effects of some bloom-causing taxa (e.g., brevotoxins
produced by the “red tide” algae Karenia brevis, Baden 1989) are relatively well-known (e.g.,
Lansdberg 2002, Hallegraef 2003), the indirect impacts of nutrient pollution on large marine
consumers are not well-studied. Theoretically, changes in food levels could correlate with the
abundance of consumers. Additionally, the habitat use and selection of an animal dependent
on visual systems for foraging or predator avoidance may be affected independently of food
availability. There are few long-term observations of these potential consumer responses to
ecosystem changes related to nutrient pollution, but some experimental work documented
behavioral changes in fish in response to changes in water clarity (Chiu and Abrahams 2010,
Kimbell and Morell 2015, Chacin and Stallings 2016).
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The Indian River Lagoon (IRL) is a 156-mile long estuary along the east coast of Florida,
US, which extends from Volusia County in the north into Palm Beach County in the south. The
IRL is designated as an Estuary of National Significance by the National Estuary Program, and is
highly biodiverse, hosting over 4,000 species (IRLNEP, 2007). The IRL is surrounded by a human
population that expanded by 69% from 1990 to 2019 (U.S. Census Bureau 1995, U.S. Census
Bureau 2019). This increasing human population has contributed to groundwater
contamination from septic tanks, continued agricultural run-off, endogenous nutrient pools
(e.g., mucky sediments), and atmospheric nitrogen deposition (Phlips et al. 2015, Lapointe et al.
2015, Barile 2018). In turn, these factors contributed to repeated, intense microalgal and
phytoplankton blooms in the IRL throughout the past two decades (Phlips et al. 2015, Barile
2018). In particular, two nearly concurrent and long-lasting blooms, one of Pedinophyceae and
picocyanobacteria and the other predominantly of Aureoumbra lagunensis, occurred from early
2011-late 2012 (Phlips et al. 2015). Some of the blooms over the past two decades have heavily
impacted primary producer communities and some IRL bloom taxa had known toxicological
effects (Phlips et al. 2011, Phlips et al. 2015). But the relationship of long-term trends in primary
producers with that of higher trophic levels has not been analyzed rigorously.
During these periods of rapid change, the IRL also served as a foraging habitat for
juvenile green turtles (Chelonia mydas). Juvenile green turtles typically move to nearshore
habitats like the IRL after spending the first few years of their lives in offshore habitats (Carr
and Meylan 1980, Bolton 2003, Reich et al. 2007, but see González Carmen et al. 2012, Turner
Tomaszewicz et al. 2018). Once they reach these nearshore habitats as larger juveniles, green
turtles worldwide are considered generalist herbivores that exhibit differing foraging
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preferences among sites, with occasional omnivory as well (Jones and Seminoff 2013). In the
IRL, juvenile green turtles predominantly forage on drift macroalgae (>85% of overall diet
volume; Holloway-Adkins 2001, Redfoot 2014), indicating the potential for resilience to nutrient
pollution. But this resilience is uncertain because drift macroalgae and seagrasses experienced
die-offs during the HABs of the 2010s (Phlips et al. 2015), green turtles may be at risk due to
HAB-related toxins (Perrault et al. 2020), and long-term trends of green turtle abundance in the
IRL have not been analyzed since the mid-2000s (Ehrhart et al. 2007).
The ocean basin-scale trends for green turtles in the North Atlantic are encouraging
(Seminoff et al. 2015), but also demonstrate a mismatch of scales. Green turtle population
management units and Distinct Population Segments under the Endangered Species Act are on
the scale of tens of thousands of square kilometers (Wallace et al. 2010, Seminoff et al. 2015),
while the impacts of nutrient pollution vary at much smaller spatial scales and with land use,
human population density, and oceanographic conditions (Howarth 2008, Oelsner and Stets
2016). Therefore, understanding how nutrient pollution may affect green turtle abundance and
distributions necessarily includes analysis of site-specific trends in green turtle abundance and
growth, and an examination of their correlations with biotic factors such as seagrass cover and
food availability that are related to nutrient pollution. In the IRL, a long-term analysis of these
trends is needed to assess impacts of sustained nutrient pollution on primary producers and
juvenile green turtles that rely on them for food.
Here, we synthesize concurrent 18-year data sets of IRL seagrass and drift macroalgae
benthic coverage, along with juvenile green turtle abundance and growth rates in order to: 1)
document long-term changes in these four metrics (seagrass coverage, drift macroalgae
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coverage, and green turtle abundance and growth), and 2) compare any observed trends in
order to assess the relationship of green turtle abundance and growth with primary producer
communities. In so doing, our goal is not only to conduct the first long-term study of nutrient
pollution impacts on marine turtles, but also contribute to a broader understanding of how
marine consumer abundance and growth relate to primary producer abundance and nutrient
pollution.

Methods
Long-term marine turtle data collection
Since 1982, the University of Central Florida Marine Turtle Research Group (UCFMTRG)
has collected abundance data on marine turtles in the IRL at a site just south of Sebastian Inlet,
Florida (approximately 27.8312 N, -80.4395 W; Figure 1). We captured turtles using a 455meter long large-mesh tangle net. During each sampling event, the start and end times of each
capture session were recorded along with the number of turtles captured. The net was
continuously monitored for entangled turtles by two small vessels. We used capture data from
the beginning of 2001 through the end of 2018 in our analyses. This 18-year period represents a
consistent sampling effort in terms of duration of net soak time and number of sampling trips
per year and season. This time period also allows us to effectively capture trends in marine
turtle captures and growth before, during, and after the algal blooms of the early 2010s. For all
of our data sets (turtle, seagrass, and algae) we defined the study day as the number of days
since the beginning of 2001 (e.g., January 1, 2001 was study day 1 and January 1, 2002 was
study day 366).
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Captured turtles were transferred to an anchored vessel where we collected a suite of
morphometric measurements, including straight carapace length (SCL), a standard measure of
turtle size taken using calipers (Bolten 1999). Each turtle was examined for existing external
Inconel flipper tags and scanned for an internal Passive Integrative Transponder (PIT) tag; if
these were not present, we applied new tags using standardized procedures (Balazs 1999).
These tags allowed us to identify individual turtles captured over time during subsequent
sampling events.
Growth rates
For recaptured individuals, we calculated a growth rate by calculating the difference
between SCL from the two most recent captures and dividing by the number of years in
between these captures (as in other marine turtle growth rate studies, e.g., Bjorndal et al.
2017). Some individuals had multiple recaptures and therefore were represented multiple
times in this study. We used all recaptured turtles with a midpoint between any two captures
occurring between January 1, 2001 and December 31, 2018 (i.e., an included individual may
have been first captured before 2001 or last captured after 2018). We also defined a mean
study day for growth rate analyses as the midpoint between the two captures converted into a
study day as described in the previous section.
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Figure 1- Map of study sites. Numbers next to seagrass and algae transect sites are their
SJRWMD site numbers. Site numbers with asterisks are sites that switched to monthly
monitoring in 2010.
Seagrass and algae long-term data collection
We used St. John’s River Water Management District (SJRWMD) fixed transect data
from seven seagrass bed study sites near the turtle study site to model long-term trends in
seagrass and drift macroalgae (Figure 1). These data were provided to us by the SJRWMD. For
clarity, in the remainder of this study we refer to the large, weedy species of algae that marine
turtles forage on as “drift macroalgae” and microscopic algae that cause HABs in the IRL as
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phytoplankton or HABs. We selected SJRWMD transect sites that fell within the areas used by
satellite-tracked juvenile green turtles captured and released at the UCFMTRG study site in
2008 (W.E. Redfoot, unpublished data). Each SJRWMD site was surveyed in summer and winter
every year from 2001 to 2018; two sites (sites 42 and 43) switched to monthly surveys from
2010-2017.
Briefly, at each site trained SJRWMD staff collected seagrass percent cover and algae
percent occupancy along a fixed transect from shore out to the deep edge of the seagrass bed.
At 10-meter intervals along a transect, a 1-m quadrat with a 10-cm x 10-cm grid was placed and
percent cover of seagrass and the number of cells occupied by drift macroalgae (hereafter
referred to as percent occupancy) were estimated. The seagrass species documented by
SJRWMD were Halodule wrightii, Syringodium filiforme, Thalassia testudinum, Ruppia maritima,
Halophila englemanii, Halophila decipiens, and Halophila johnsonii. Drift algae were not
identified taxonomically in the SJRWMD data, but typical IRL taxa include rhodophytes (red
algae) Gracilaria spp. and Hypnea spp., and in recent years chlorophytes (green algae) such as
Chaetomorpha spp. and Ulva spp. have become more common (Whitehouse and Lapointe
2015). In our analyses, we used the average total percent cover of all seagrass species and the
average percent occupancy of drift algae for a given transect on a given day (rather than the
plot level data). For a more detailed description of SJRWMD seagrass and algae field methods,
see Morris et al. 2001.
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Statistical analyses
We used generalized additive models (GAMs) to assess trends in green turtle abundance
and hierarchical GAMs (HGAMs) to assess trends in green turtle growth rates, seagrass cover,
and drift macroalgal cover. These models use non-parametric smoothing functions (referred to
as “smooths” or “smoothers” hereafter) within a similar framework to that of generalized linear
models: they fit the data by allowing for the incorporation of categorical, continuous, and/or
hierarchical model factors, but allow for the use of smoothers in addition to linear or otherwise
predetermined forms (Wood 2017, Pedersen et al. 2019). Smoothers balance minimizing
residual error and overfitting through the use of penalty matrices that differ among smoother
types. We used thin plate (Wood 2003) and cyclic cubic splines (Wood 2017), both of which
penalize changes in the derivative(s) of a function. Cyclic cubic splines are also constrained so
that the values and first derivative match at the ends of the function, making them useful for
modeling seasonal variation (Wood 2017, Pedersen et al. 2019). Finally, we used tensor product
smoothers, which are analogous to interaction terms in a mixed effect model (Wood 2017,
Pedersen et al. 2019). The flexibility of this modeling framework allowed us to evaluate not only
trends over time but the nature and timing of these trends. We constructed these models in R
version 4.0.2 using the package mgcv (Wood 2011, Wood et al. 2016).
For green turtle abundance, we used a quasipoisson GAM to model the number of
green turtle captures in a capture session. Quasipoisson distributions are similar to negative
binomial distributions in that they can be used for overdispersed count data, but quasipoisson
variance is a linear function of the mean and higher values of the dependent variable are
weighted more heavily in fitting (Ver Hoef and Boveng 2007). Our model of green turtle
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abundance included the default thin plate smooths of study day (number of days since the
beginning of 2001) and effort (length of net used/soak time), a cubic cyclic smooth of month to
account for seasonal variation, and a tensor product smooth of study day and month to model
non-additive effects of these two variables.
We used an HGAM structure to analyze green turtle growth rates with a thin plate
smooth of the mean study day between the two captures, a thin plate smooth of the mean SCL
of the turtle between the two captures, a tensor product smooth of those two factors, and a
random effect of turtle ID number to account for multiple recaptures of some individuals. This
model structure is analogous to a random intercept generalized linear mixed model (GLMM)
(Pedersen et al. 2019). Because of the large number of individuals relative to the size of the
data set, we used the ‘bam’ function in the package mgcv (instead of gam) for model
construction as it more efficiently conducts the analysis over a high number of random effect
levels (Pedersen et al. 2019). In addition, we used an HGAM with a thin plate smooth of mean
study day and a random effect of turtle ID number to examine changes in mean SCL over time
in order to be sure that there was not a systematic change in the size structure of the growth
rate dataset.
Untransformed proportion data (e.g., percent cover and percent occupancy) are difficult
to analyze because they do not fit the assumptions of most regression techniques (Warton and
Hui 2011, Chen et al. 2017). For both seagrass percent cover and drift macroalgal percent
occupancy, we used the logit transformation approach suggested by Warton and Hui (2011).
The logit transformation cannot be used on values of 0; to alleviate this issue we added a small
constant value of 0.001 to all seagrass and drift macroalgae values, again as suggested by
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Warton and Hui (2011). After data transformation, for both seagrass and drift macroalgae data
we used an HGAM structure including a thin plate smooth of study day, a cubic cyclic smooth of
month, a tensor product smooth of those two variables, and a random effect for each site. This
model structure is analogous to a random intercept GLMM (Pedersen et al. 2019).
We created figures using the package ggplot2 (Wickham 2016). We did not define a
seasonal variable in the models, as we felt this created artificial bins of months. However, they
do simplify the visualization of the data. For data visualization purposes only, we defined the
seasons as follows: winter includes the months December, January, and February; spring
includes the months March, April, and May; summer includes the months June, July, and
August; and fall includes the months September, October, and November. Monthly figures are
presented in Appendix A (Figures S22-S24).
Given the relative unreliability of Akaike’s Information Criterion for evaluating the fit of
hierarchical GAM models, especially among different model structures (Pederson et al. 2019),
we evaluated our models by incrementally increasing the “wiggliness” (i.e., increasing k, the
maximum number of knots) for the smoothing function for study day. As we did so, we
evaluated the change in restricted maximum likelihood and root mean squared residuals, with
the goal of minimizing both (i.e., additional increases in k increased error). In the case that
there were minimal differences in these metrics among potential models, we used the smallest
k to avoid overfitting. We maximized k for month variables (k=12) and site-level random factors
(k=7) when they were included in a model formulation. For mean SCL in the growth rate
models, increasing k did not appreciably impact model results; therefore we left it at the
minimum (k=3).
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Results
Long-term marine turtle capture data
We conducted 419 turtle capture sessions from January 2001 to December 2018 with a
total of 1,289.9 hours of net soak time. Only one capture session used a net length different
from the standard (0.455 km), when on 7 July 2009 we used 0.220 km of net. Overall, our mean
capture effort was 1.40 (SE: 0.02) net kilometer hours per capture session. Over the 18-year
study period, we captured 2,535 green turtles (mean per capture session: 6.05 captures, SE:
0.31).

Recaptured turtles for growth rate analysis
Of the 2,535 captured turtles, 202 had been previously captured and tagged (7.96%).
These recaptured turtles consisted of 164 unique individuals (maximum: 8 recaptures, mean
number of recaptures: 1.23, SE: 0.059); 21 individuals were recaptured more than once over
the study period. The average interval between successive captures was 2.89 years (range:
0.76-7.61 years, SE: 0.12 years), the average “mean SCL” of turtles used in growth rate analyses
was 46.6 cm (SE: 0.52, range: 32.6-71.15 cm), and the average growth rate was 3.74 cm/year
(range: 0.43-8.38 cm/year, SE: 0.09 cm/year).

Seagrass and drift macroalgae coverage
We used SJRWMD data from a total of 382 seagrass and drift macroalgae surveys
conducted across 170 sampling days at 7 sites. Of these sites, two switched to monthly surveys
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in 2010 and totaled 101 and 102 surveys across the study period, respectively. The other five
sites were monitored at once per summer and once per winter, except for winter 2011 at site
35, for an average of 35.8 surveys across the study period.
Mean percent cover of seagrass for the entire study period ranged from 5.8% for site 40
to 24.6% for site 44 (mean: 12.4%, SD: 7.3%). The two sites that had monthly surveys in the
latter portion of the study period averaged 7.1% and 8.7% percent cover respectively. Mean
percent occupancy of drift macroalgae for the entire study period ranged from 6.3% for site 42
to 13.2% for site 40 (mean: 9.3%, SD: 2.5%).

Long-term trends
Juvenile green turtle abundance declined over the 18-year study period. This decline
occurred in two interrelated ways. First, the intra-annual variation decreased over time. Winter
month captures (December, January, February) declined the most over the study period, with
much smaller reductions in spring (March, April, May) and summer (June, July, August) turtle
captures (Figure 2). These changes resulted in reduced intra-annual variation in turtle
abundance and, because winter captures were typically highest but declined the most,
contributed to a long-term decline in turtle abundance. After accounting for this change in
intra-annual variation over time, there was also a slow but sustained long-term decline in the
number of turtles captured (Figure S17a). Overall, after accounting for capture effort, monthly
variations, and the change in monthly variation over the study period, mean model-predicted
green turtle captures dropped from 7.89 captures per session in 2001 (SE: 1.09) to 5.00
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captures per session in 2018 (SE: 0.32). We present the individual smooths and model
coefficients for the turtle abundance model in Appendix A (Figure S17, Table S1).

Figure 2. Green turtle abundance, seagrass percent cover, and algae percent occupancy over
the 18-year study period (2001-2018). Points are actual data, blue solid lines are the predictions
of the applicable GAM or HGAM, and blue dashed lines represent 95% confidence intervals
(CIs). Rug plots along the x-axis and the right side of each figure represent the distribution of
the sampled data; the green turtle captures y-axis rug is jittered to better visualize the
distribution of these count data. Predictions and CIs were smoothed using the default loess
smooth in ‘geom_smooth’ in ggplot2 to avoid jagged steps from month to month. A portion of
the turtle abundance data were also used by Ehrhart et al. (2007).
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Juvenile green turtle growth rates declined slowly until the latter half of 2011, and then
slowly increased after that (Figure 3), although it should be noted that the confidence intervals
are wide throughout the study period and even at the growth rate minima, the confidence
intervals still contain the maxima at the beginning and end of the study period. This long-term
trend and the random effect to account for individual differences were the two statistically
significant factors in our GAM. Turtle size, the non-additive change in the relationship between
size and growth rates over time, and the interval between captures did not have statistically
significant effects; we present the individual smooths and model coefficients for the growth
rate model in Appendix A (Figure S18, Table S2). Mean SCL changed over time across the
growth rate data set (Appendix A, Figure S19 and Table S3), but not in a consistent manner;
Mean SCL fluctuated but remained essentially the same throughout the study period except for
approximately the first and last years when it was slightly higher.
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Figure 3. Green turtle growth rates over the 18-year study period (2001-2018). Points are actual
data, the blue solid line is the predictions of the growth rate HGAM. Blue dashed lines
represented 95% confidence intervals (CIs), which are particularly wide due to the individualturtle random effect structure of the model. Rug plots along the x-axis and the right side
represent the distribution of the sampled data.

Seagrass declines occurred throughout the study period, but declines were steeper and
percent cover dropped to nearly zero following the intense algal blooms which began in early
2011 (Figure 2). Seagrass percent cover was typically higher in summer months than winter,
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with relatively small changes in the seasonality of seagrass cover over the study period (Figure
2, Figure S20b). Site-level variation was also important and of a similar magnitude to seasonal
differences (Figure S20d). After accounting for seasonal and site-level variation, mean modelpredicted seagrass percent cover dropped from 36.8% (SE: 4.9%) in 2001 to 1.8% (SE: 0.2%) in
2018.
Drift macroalgal percent occupancy rose slightly over the early portions of the study
period and peaked around 2008 before declining during the 2011-2012 HABs and remaining
low but recovering very slowly through the end of the study period. However, it should be
noted that the macroalgal model did a relatively poorer job of fitting the observed data after
2012; this is perhaps due to the changing nature of the distribution of the data, which shifted
from a relatively Gaussian distribution before the HABs to a right-skewed distribution
afterwards. As with seagrasses, monthly variation in macroalgal percent occupancy was an
important factor but showed relatively small changes over time (Figure 2, Figure S21b). Sitelevel variation was an important factor but lower than these same effects for seagrass (Figure
S21d). After accounting for seasonal and site-level variation, mean model-predicted macroalgal
percent occupancy rose from 8.2% (SE:0.6%) in 2001 to a peak of 9.6% (SE: 0.6%) in 2008, then
declined to a low of 0.4% (SE: 0.05%) in 2012 and remained below 2% for the remainder of the
study period. We present seagrass and drift macroalgal model component smooths and
coefficients in Appendix A (Figure S20, Figure S21, Table S1).
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Discussion
Our study provides the first simultaneous and long-term assessment of juvenile marine
turtle abundance, juvenile marine turtle growth, and seagrass and drift macroalgal cover.
Overall, although each long-term trend analysis has different features, green turtle abundance,
green turtle growth, and seagrass cover each declined from 2001 through 2010. In contrast,
drift macroalgal cover changed very little and may have even slightly increased over the same
time period. During the severe HABs of 2011-2012, seagrass and drift macroalgal cover both
dropped to nearly zero, but drift macroalgae began to recover slowly through the end of 2018
while seagrass cover remained very low relative to pre-HAB cover. Juvenile green turtle
abundance continued to steadily and slowly decline through 2018, while growth rates returned
to their previous levels.
These trends point to differences in the sensitivity of taxa to sustained nutrient pollution
and resulting low water clarity in the IRL. Most seagrasses require high light levels for growth
and survival (Dennison et al. 1993, Lee et al. 2007), and previous work in the IRL has shown
correlations between nutrient inputs, freshwater influx, and light limitation of seagrass growth
(Lapointe et al. 2020). Our results showing long-term and precipitous seagrass cover declines
indicate the impacts of decreased light levels and nutrient pollution on seagrass cover in the
IRL. In contrast, drift macroalgae are less sensitive to low light levels and high nutrient
conditions stimulate their growth (Markager and Sand-Jensen 1992, Dennison et al. 1993,
Lapointe et al. 2015); to a degree, our data also indicate a tolerance of the impacts of nutrient
pollution, with drift macroalgal cover stable while seagrass declined from 2001-2010. For both
seagrass and drift macroalgae, our results show a similar precipitous drop-off during the HABs
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of 2011-2012 as that found in the northern IRL by Phlips et al. 2015, indicating that both are
susceptible to die-offs under extreme conditions.
In the Indian River Lagoon, juvenile green turtle diet is composed mostly of drift
macroalgae with a small portion of seagrass (Holloway-Adkins 2001, Redfoot 2014, Chapter 3).
Juvenile green turtles are typically considered generalist herbivores, as their diet varies among
sites, but in some locations they may be omnivorous (Jones and Seminoff 2013). Therefore, the
availability of any one type of food (e.g., seagrass or drift macroalgae) may not be a strong
determinant of juvenile green turtle abundance or growth. In our analysis of growth rates and
primary producer cover, this hypothesis is partially supported. Growth rates slowly declined
through mid-2011 and then slowly returned to previous levels through the end of the study
period, but seagrass cover declined sharply throughout the study period and macroalgal cover
showed more variable trends but a large drop during the HABs of 2011-2012. One possible
explanation for the more moderate trends in green turtle growth rates could be their ability to
forage on multiple taxonomic groups, which would serve to moderate the impact of a change in
relative abundances of primary producers on growth. Additionally, given our relatively low
recapture rate (7.96%), it is likely that individuals do not exhibit strong residency in or fidelity to
the IRL. Drift macroalgal and seagrass cover varied among sites in our study (Figure S3d, Figure
S4d) and it is certainly possible that green turtles moved among these patches and others to
choose the patches where food availability was highest. This could be an explanation why we
saw growth rates return to previous levels after the 2011-2012 HABs even though the modeled
averages of macroalgal and seagrass cover remained low. Some transects showed much higher
macroalgal cover than the modeled average (Figure 2) and it is possible that the turtles
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preferentially foraged at sites such as these. Finally, trends in green turtle growth rates from
our IRL study site are likely an integration of trends in foraging resources among nearby IRL
seagrass and macroalgal beds that we studied here and other sites that we did not have data
for (e.g., nearshore sabellariid worm-rock reefs, Kubis et al. 2009).
In contrast, the abundance of individuals is more likely to depend on more than just the
availability of food alone, and one hypothesis explaining our results is that these other factors
may be contributing to the long-term declines in juvenile green turtle abundance in the IRL. The
primary driver of seagrass declines in the IRL is reduced water clarity and light availability
required for growth (Fletcher and Fletcher 1995, Steward and Green 2007, Lapointe et al.
2020). For marine turtles, these changes in water clarity may also have costs; marine turtles as
a group are primarily visual foragers (Constantino and Salmon 2003, Southwood et al. 2007)
and reduced visibility could make it harder for them to find food. This may especially be true for
juveniles that may be new to the habitat, and approximately 92% of green turtles we captured
from 2001-2018 hadn’t been captured previously.
Perhaps equally important as the actual impact of water clarity and nutrients on green
turtle habitats may be its perceived impact. The influence of animal perceptions of food
availability or predation risk can heavily influence their habitat use (Laundré et al. 2010,
Gallagher et al. 2017). For example, low visibility conditions may make it more difficult for
juvenile green turtles to avoid large predators like sharks. The number of large sharks in the IRL
is low (Snelson Jr. and Williams 1981, Curtis et al. 2011, Roskar et al. 2020), but marine turtles
may have evolved to avoid low visibility areas because of perceived association with low food
levels or perceived higher potential for predation; however, our understanding of the habitat
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cues that marine turtles use is very limited. The importance of factors other than food
availability is further supported by the relatively low congruence between juvenile green turtle
growth rates and abundance we found in this study, especially after 2012 when drift
macroalgae availability and turtle growth rates slowly increased but turtle abundance
continued to decline. Understanding whether juvenile green turtle habitat selection and use are
more influenced by primary factors like food availability or perceived risks of high search costs
and high predation is worthy of future study.
An increase in local green turtle abundance is hypothesized as the cause of decreasing
seagrass abundance at some locations, especially in light of recent declines of top predators
that regulate turtle herbivory (Christianen et al. 2014, Heithaus et al. 2014). However, our data
do not show evidence supporting this hypothesis. The turtles in the Indian River Lagoon do not
forage as extensively on seagrasses as they do elsewhere (~10% of diet volume; HollowayAdkins 2001, Redfoot 2014, Jones and Seminoff 2013, Chapter 3) and therefore it is unlikely
that either turtle abundance or seagrass cover are directly related to one another.
A factor that we were not able to include in our analyses was water temperature, a
potentially key factor for ectotherms like marine turtles. As ectotherms, temperature plays an
important role in many, and perhaps all, aspects of marine turtle biology, ecology, and
physiology (Hamman et al. 2013). In our dataset, there was a pronounced seasonal trend in
juvenile green turtle abundance, with higher capture rates in winter and spring months pointing
to the potential impact of temperature on juvenile green turtle habitat use. However, it is
notable that at other locations juvenile green turtle abundance showed the opposite trend,
with abundance decreasing in shallow water habitats in colder temperatures (Shaver 1994,
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Lamont et al. 2015, Madrak et al. 2016, Southwood Williard et al. 2017) or showing no seasonal
shift (Hazel et al. 2009). If water temperatures have changed over time, and especially the
relative temperatures of the IRL and nearby offshore waters hosting other juvenile green turtle
habitats like sabellariid worm-rock reefs (Kubis et al. 2009), it would be an important factor to
consider. However, there were not available resources for water temperature over the entire
length of our study period, and our ability to make inferences about temperature impacts is
therefore limited.
Overall, our analysis of four long-term data sets shows a complex ecological system with
varying trends in which it is difficult to assess causality. For seagrasses and drift macroalgae,
these trends were opposed to one another until 2011, when both precipitously declined during
phytoplankton HABs. For juvenile green turtles, the picture is more varied. On one hand, the
relatively small changes in growth rates over time and the ability of juvenile green turtles to
rely on drift macroalgae (Holloway-Adkins 2001, Redfoot 2014, Chapter 3) as a food resource
point to a potential for resilience to habitat changes caused by nutrient pollution. On the other
hand, the slow but steady decrease in juvenile green turtle abundance suggests that habitat
quality may be on the decline.
This decreasing trend is made more concerning because it appears relatively
independent of the increasing green turtle abundance trend at nesting beaches in the North
Atlantic (Seminoff et al. 2015) and represents a reversal from previous trends at this same
study site (Ehrhart et al. 2007). Juvenile sea turtle aggregations, including the IRL, are typically
mixed stocks from multiple nesting beaches (e.g., Bass and Witzell 2000, Bagley 2003, Stewart
et al. 2019, Piovano et al. 2019), and it is therefore possible that changes at an important
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juvenile habitat like the IRL could eventually impact demographic trends over a geographically
widespread area. However, it is also possible that changing habitat conditions at one location
would have relatively little impact at broader scales. Without studying other areas and the
relationships between primary producers, nutrient pollution, and turtle abundance, it is difficult
to determine whether the effects of nutrient pollution would impact demographic parameters
(e.g., nest numbers or time to maturity) at the population scale. Further study of these factors
at other locations would greatly enhance our ability to assess the threat of nutrient pollution to
green turtle populations in the North Atlantic.
Conservation mechanisms in place in the U.S. (e.g., the Endangered Species Act of 1973)
and elsewhere primarily regulate direct harm or killing of individuals of that species, or
otherwise regulate the impact of government-controlled action on designated Critical Habitat.
However, nutrient pollution in the IRL is linked primarily to endogenous nutrient pools (Phlips
et al. 2015), septic tanks, and local wastewater facilities (Lapointe et al. 2015, Lapointe et al.
2017, Barile 2018, Lapointe et al. 2020). Further understanding regarding the interrelatedness
of nutrient pollution and decreased juvenile green turtle abundance in the IRL is especially
important because it would not typically be directly regulated under the Endangered Species
Act.
More broadly, our study adds to the knowledge regarding marine herbivore abundance
and growth and provides an example of how these may be related to the widespread threat of
nutrient pollution. But it is likely that these relationships are taxon-specific and locationspecific. For example, manatees and dolphins in the IRL during this same study period
experienced unusual mortality events and have build-ups of HAB-related toxins in their tissues
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(Capper et al. 2013, Lapointe and Herren 2015, Fire et al. 2016), which are potentially related to
increased consumption of macroalgae that differs from their normal diet (Lapointe and Herren
2015). Species that depend more directly on sensitive seagrasses or rely on visual cues are likely
to be more influenced, as are those that face other restrictions on habitat use (e.g., seasonal
thermal refuges, salinity). Expanding our understanding of these processes at local and regional
levels will aid conservation efforts of many species whose habitats are affected by nutrient
pollution.
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CHAPTER 3: HARMFUL ALGAL BLOOM IMPACTS ON JUVENILE
GREEN TURTLE FORAGING ECOLOGY: INSIGHTS FROM STABLE
ISOTOPE ANALYSIS
Introduction
Harmful algal blooms (HABs) are large, short-term increases in the abundance of
planktonic algae that negatively affect ecosystem functioning and services (Hallegraeff 2003).
During blooms, some algal species produce toxins that can kill or harm wildlife (e.g., Van Dolah
et al. 2003, Starr et al. 2017, Foley et al. 2018) and have implications for human health (e.g.,
Moore et al. 2008, Preece et al. 2017, Mchau et al. 2019). Many species of harmful algae impact
the environment through indirect effects caused by a rapid increase in biomass followed by a
subsequent die-off and decomposition. This typically results in changes in light penetration and
dissolved oxygen levels that can cause die-offs of benthic primary producers, fish, and other
taxa (e.g., Rudnick et al. 2005, Phlips et al. 2015, Lewis et al. 2021). However, the relationship
between these indirect effects and marine consumers that depend on affected resources is
relatively unknown.
Understanding how the HAB impacts on primary producers may in turn affect foraging
by marine consumers is particularly important when managing species of conservation concern
like the green sea turtle (Chelonia mydas). Green turtles are listed as Endangered worldwide by
the IUCN (Seminoff 2004) and either Threatened or Endangered in 11 Distinct Population
Segments (DPSs) established under the U.S. Endangered Species Act in 2016 (Seminoff et al.
2015). Broadly, green turtles are considered herbivorous, although their diet varies among
locations and life stages (Jones and Seminoff 2013). Typically, coastal juveniles and adults feed
on seagrasses and/or macroalgae and inhabit areas that provide these foraging resources. But
43

the availability of these same resources can be affected by HABs, including large-scale algae and
seagrass die-offs (e.g., Rudnick et al. 2005, Phlips et al. 2015, Long et al. 2021). As nutrient
pollution and HABs become more common globally (Glibert et al. 2018), there is a need to
better understand whether HABs may affect green turtles in coastal areas. To do so, we must
understand whether their foraging ecology is affected when a HAB occurs.
Stable isotope analysis (SIA) is a widely used tool to study habitat use and foraging
ecology in many taxa (Peterson and Fry 1987, Hobson 1999, Rubenstein and Hobson 2004,
Nielsen et al 2018, Haywood et al. 2019). Stable isotopes provide insight into what and where
an animal eats using broad-scale geographic patterns in isotopic signatures derived from the
base of the food web (Hobson 1999, Rubenstein and Hobson 2004) and systematic changes
among trophic levels (McCutchan Jr. et al. 2003). Signatures are measured as the ratio of heavy
and light isotopes of an element (e.g., carbon or nitrogen) and compared to a standard (e.g.,
atmospheric N2 for nitrogen) (Peterson and Fry 1987). As the heavy:light isotope ratio becomes
higher or lower, a signature is termed “enriched” or “depleted”, respectively (Peterson and Fry
1987). Nitrogen signatures typically become more enriched at higher trophic levels (McCutchan
Jr. 2003) or when an environment is influenced by nutrient pollution or sewage (Lapointe et al.
2015, Barile 2018).
Sea turtle habitat use studies using SIA often focus on nesting females because they are
easily sampled on land and typically exhibit strong foraging site fidelity (Broderick et al. 2007,
Schofield et al. 2010, Phillips et al. 2021), allowing the stable isotopic signatures of tissues to
reliably represent the prior foraging areas of nesting females. When combined with satellite
tracking of sampled animals, these studies can establish a link between signatures and
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geographic location of foraging areas (e.g., Hatase et al. 2002, Vander Zanden et al. 2015,
Ceriani et al. 2017, Bradshaw et al. 2017). Foraging studies using SIA simultaneously sample diet
items to establish their signatures, and use both sets of signatures for comparison and
modeling purposes (e.g., mixing models; Stock and Semmens 2016, Gillis et al. 2018, Gillis et al.
2020, Ramirez et al. 2020). In these studies, the use of a reference point (e.g., satellite-tracked
individuals, local diet items) allows for gaining inference from the other samples.
In order to use stable isotopes for studying the effects of HABs on juvenile green turtles,
a new type of reference is needed. Harmful algal blooms and their causes both have the
potential alter baseline nutrient dynamics and isotopic signatures (Lapointe et al. 2017, Barile
2018, Valiela et al. 2018), which could affect green turtle food items and signatures as well. In
addition, juvenile green turtles in subtropical waters do not typically follow an established
seasonal migratory pattern, limiting interpretability of their signatures without some other
source of comparison, especially in populations with low residency levels. Obtaining isotopic
information by sampling diet items or other baseline signatures is also a logistical challenge and
may not be possible given the unpredictability and rapid onset of HABs. One strategy for
addressing these drawbacks is to use specimens collected from existing long-term sampling
projects. Turtles and some other organism could be compared in order to draw conclusions
about the impacts of HABs; however, selecting an appropriate comparison organism is
necessary. Ideally, the comparison organism would have known foraging ecology and habitat
use patterns that reduce the unknowns surrounding what drives their signatures, and use
similar resources as the turtles under study.
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Here we take this comparative approach to examine the impacts of HABs on green
turtles in the Indian River Lagoon (IRL), an estuary along the central east coast of Florida. The
IRL has been repeatedly impacted by HABs over the past two decades (Phlips et al. 2011,
Lapointe et al. 2015, Phlips et al. 2015, Phlips et al. 2020). We focus on the effects of two nearly
concurrent blooms in 2011-2012: the first of cyanobacteria and Pedinophyceae and the second
of Aureoumbra lagunensis (Phlips et al. 2015). Together, the effects of these blooms caused
steep declines in seagrass cover and macroalgae biomass in the IRL (Phlips et al. 2015, Long et
al. 2021, Chapter 2) and likely contributed to a long-term, slow decline in green turtle
abundance from 2000-2018 (Long et al. 2021, Chapter 2). Juvenile green turtles in the IRL
predominantly forage on drift macroalgae (Holloway-Adkins 2001, Redfoot et al. 2014, Chapter
3), but the degree to which HABs altered the foraging ecology of protected juvenile green
turtles in the IRL remains unknown.
Using tissue samples collected over a 10-year period, we assessed the changes in
juvenile green turtle stable isotopic signatures by comparing how the mean and variance of
isotopic signatures changed over time relative to fish samples collected in the same study area
as part of a concurrent long-term sampling program. Specifically, we predicted that 1) mean
carbon and nitrogen stable isotope signatures would change before, during, and after the HABs
of 2011-2013; 2) green turtle stable isotope signatures would be less variable during the HABs;
and 3) green turtle signatures would show different isotopic patterns over time than that of an
IRL baseline.
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Methods
Turtle sampling
We captured turtles using a 455-meter long large-mesh tangle net in the IRL at a single
site just south of Sebastian Inlet, Florida (approximately 27.8312 N, -80.4395 W) that the
UCFMTRG has monitored since 1982 (Figure 4, Ehrhart et al. 2007, Long et al. 2021). Using two
small vessels, we continuously checked the net for entangled turtles (average net soak time: 3
hours). We transferred any captured turtles to a third vessel where we collected skin samples
for stable isotope analysis from the soft tissue at the base of a rear flipper. We cleaned this area
using an alcohol swab, collected a skin sample using a sterile 4-mm biopsy punch
(Integra™ Miltex™ Standard Biopsy Punches 3334), and stored all samples in 95% ethanol until
further processing.

Baseline reference selection
We used pinfish (Lagodon rhomboides) as our reference point for comparison to turtle
isotopic signatures. Pinfish are generalist foragers, feeding on epifaunal invertebrates living on
seagrass and mats of drift macroalgae, as well as the seagrass and macroalgae themselves
(Stoner 1979, Stoner 1980, Stoner 1982, Muncy 1984, Darcy 1985). Pinfish typically have small
home ranges (Irlandi and Crawford 1997, Potthoff and Allen 2003, Garwood et al. 2019) and are
relatively dependent on seagrass and drift macroalgae habitats for foraging (Stoner 1979,
Stoner 1980, Stoner 1982) and protection from predators (Jordan et al. 1997, Adams et al.
2004, Harter and Heck 2006). Pinfish typically only move offshore to spawn in late fall (Caldwell
1957, Muncy 1984, Darcy 1985) with some evidence that this offshore spawning period is
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shorter on the Atlantic coast of Florida due to the closer proximity of deep oceanic water
(Caldwell 1957). Therefore, their stable isotope signatures should be representative of the IRL
and reflect the same macroalgae-based food web that juvenile green turtles forage on while at
our study site (Holloway-Adkins 2001, Redfoot 2014, Chapter 3).
Pinfish samples were collected using hook-and-line methods (Fletcher Odom 2012) or as
part of the Florida Fish and Wildlife Conservation Commission (FWC) Fisheries-Independent
Monitoring program, a stratified-random sampling of fish communities in nearshore areas.
Briefly, FWC used a fine-mesh (3.2 mm) seine net over a standardized, 140 m2 area to collect
and document fish diversity and abundance (for details on the FWC program, see Kupschus and
Tremain 1995, Paperno et al. 2018, and Lewis et al. 2021). We used archived pinfish samples
collected from 11 sites in the IRL within 25 km of the turtle sampling site (Figure 1). Whole
pinfish were kept frozen until processing.

Sample selection
Based on the onset of bloom levels of phytoplankton in mid-March 2011 and seagrass
cover beginning to recover in summer 2013 (Phlips et al. 2015), we defined the time period that
the algal blooms of interest affected the IRL as beginning in March 2011 through September
2013. In selecting sea turtle skin samples to use in our study, we avoided samples from
individuals <6 months after these time points in order to avoid stable isotopic signatures that
were an integration from either side of the time point (Figure 2). We based the length of this
buffer zone off of previous studies of juvenile sea turtle (Reich et al. 2008) and pond turtle
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(Seminoff et al. 2007) stable isotope turnover rates. For pinfish, information on turnover rates
is limited, but with the exception of some samples (n=19) in May 2011 that were collected
approximately 60 days after the onset of the HABs, we avoided including samples <6 months
after the algal bloom start and end points. Based on a review of stable isotopic turnover rates
and their relationship with body mass by Vander Zanden et al. (2015), we estimated that pinfish
(average mass in our study = 71 g) stable isotopic half-life was 48-60 days and a 6-month buffer
zone is sufficient to largely avoid cross-period composite signatures.
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Figure 4. Map of Indian River Lagoon sites where pinfish and green turtles were captured and
sampled. Green symbols indicate locations sampled during the 2011-2013 HABs. Overlapping
symbols indicate locations where pinfish samples were collected in multiple periods. All green
turtle samples throughout the 2010-2018 study period were collected at the site indicated by
the turtle icon.
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Sample processing
We separated turtle epidermis from the dermis using a dissecting microscope and #15
scalpel blade, cut the sample into small pieces, and placed it in a drying oven for 8-12 hours to
remove any residual ethanol from the storage vial. After drying, we weighed subsamples for
analysis and sent them to the University of South Florida Stable Isotope Ratio Mass
Spectrometry Facility for carbon and nitrogen stable isotope analysis on a continuous flow
isotope ratio mass spectrometer. We did not conduct lipid extraction on turtle samples because
previous studies documented minimal effects of lipid removal on stable isotopic signatures of
sea turtle skin samples (Bergamo et al. 2016); turtle samples with a C:N ratio higher than 3.5
were excluded from this study because their high lipid content may influence the signature
(Post et al. 2007, Bergamo et al. 2016).
Pinfish samples were thawed and homogenized using a blender. Samples were freezedried for 24 hours, lipids were extracted using petroleum ether in a Soxhlet extractor for 24
hours, then placed in a drying oven at 60°C for 24 hours to remove any remaining
solvent. Dried, lipid-extracted tissues were ground to powder by hand, and subsamples (0.9-1.5
mg) sealed in 5 by 9 mm tin capsules. These were analyzed in a Delta Finnigan Mat stable
isotope ratio mass spectrometer (IRMS) at the University of Georgia Center for Applied Isotope
Studies.

Data analysis
Carbon and nitrogen signatures are commonly represented with the notation δ13C or
δ15N, respectively; this notation represents that the data are a ratio of the heavy to light
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isotope of the given element, and that the sample’s ratio is compared to a standard value (e.g.,
Peedee belemnite for carbon, atmospheric N2 for nitrogen). We use these notations
interchangeably with “carbon signatures” or “nitrogen signatures”. We analyzed the temporal
changes in δ13C and δ15N mean and variance in two separate analyses. In order to make
comparisons between pinfish and green turtle patterns, we divided the samples into four time
periods: one period before, two periods during, and one period after the algal blooms of 20112013. Note that pinfish samples were only available from select months (March-May, July,
September), likely due to seasonal changes in their habitat use (Muncy 1984, Darcy 1985). The
breakdown of the sample periods and sample sizes within periods is found in Figure 5.
In addition to this comparative analysis between the pinfish and green turtles, we
separately analyzed all green turtle samples (n=238). First, we binned the samples into 9
periods (Figure 5). In this analysis, periods 1 and 2 correspond to the same timeframe as period
1 in the comparative model described above; this breakdown of sample periods was not
possible in the comparative model because there were no pinfish samples available from the
time period just before the blooms. Breaking down the pre-bloom green turtle samples into
multiple periods allowed for additional insights into how signatures changed before the onset
of HABs. Due to the irregular temporal distribution of the samples and buffer periods (Figure 2),
we also conducted an analysis with time as a continuous variable rather than breaking into
discrete periods to critically examine whether our sample binning into periods affected our
conclusions.
For the comparative analysis and for the green turtle analysis with discrete time periods,
we used Bayesian multivariate linear models to compare δ13C and δ15N means and variances
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among time periods and species. For the green turtle continuous time model, we constructed a
Bayesian multivariate, non-linear distributional regression model using “study day” (number of
days since the first sample) as the predictor for mean and variance of the isotopic signatures.
We constructed these models in R version 4.0.2 using the package brms (Bürkner 2017), which
utilizes RStan (Stan Development Team 2018) to run multi-level models while easing the coding
burden on the user by using a syntax similar to that of the R package lme4 (Bates et al. 2015).
All analyses used uninformed priors.
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Figure 5. Timelines of stable isotope sample periods for comparative model (4 periods, left) and
green turtle-only model (9 periods, right). Numbers on timeline indicate sample sizes in each
period. Green boxes indicate the sampling periods when HABs were impacting the Indian River
Lagoon. Gray boxes indicate buffer zones with no samples intended to limit signatures that
represent an integration of multiple periods. Gray box at beginning of green-turtle only timeline
indicates a period with no samples; there are no samples in this period in the comparative
model as well.
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Results
Comparative model
For both species, δ13C and δ15N were highly negatively correlated (pinfish r = -0.62,
green turtle r = -0.62, overall r = -0.70, Figure 6). The comparative model explained 23.8% of
deviance in δ13C and 46.1% of deviance in δ15N across the two species and four periods (as
described by Bayesian R2; Gelman et al. 2019). Pinfish δ13C was more depleted than that of
green turtles and pinfish δ15N was more enriched (Figure 7).
Pinfish δ13C and δ15N means changed among periods (Figure 7). Pinfish δ13C changed
relatively little before and during the blooms (periods 1-3), and but became more depleted
after the blooms had subsided (period 4). Pinfish δ15N showed a different pattern— δ15N was
more enriched before the blooms and became more depleted during the HABs (Figure 7). In
period 4, δ15N was more enriched than periods 1 through 3. In contrast, mean green turtle
signatures of both elements had only small changes over time, with the largest change
occurring in δ13C between periods 1and 2 (Figure 7).
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Figure 6. Carbon (δ13C) and nitrogen (δ15N) stable isotope signatures of central Indian River
Lagoon pinfish (black dots) and green turtles (green dots). Pinfish signatures are from samples
collected between 2009-2014 and green turtle signatures are from samples collected between
2010-2018. Signatures of the two elements were highly negatively correlated (pinfish r = -0.62,
green turtle r = -0.62, overall r = -0.70).
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Figure 7. Bayesian model estimated means of a) carbon and b) nitrogen isotopic signatures
among periods for central Indian River Lagoon pinfish and green turtles. See Figure 5 for
timeline of periods. Error bars are 95% credibility intervals. Note that these credibility intervals
are variation in the modeled estimate of the mean among iterations, which do not necessarily
follow the same pattern as the modeled estimates of sample variance. Green dots and error
bars represent green turtles and black dots and error bars indicate pinfish.

The model-estimated variances changed among periods for both species but in different
ways (Figure 8, Figure 9). For both species, δ15N variance tended to be lower than that of δ13C.
For pinfish, δ13C variance changed only slightly over time (Figure 8), but δ15N variance declined
a moderate amount from period 1 to period 2, then increased substantially through period 3
before declining again in period 4 (Figure 9). For green turtles, isotopic variance was highest in
period 1 for both elements, then declined in period 2 and remained at a similarly reduced level
through Period 4; this pattern was stronger for δ15N than δ13C (Figure 8, Figure 9). Mean,
variance, and 95% credibility intervals for the comparative model are listed in Table S4.
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Green turtle-only models
The results of both the period and continuous-time models of green turtle isotopic
signatures from 2010-2018 show qualitatively similar patterns. Both models were relatively
unsuccessful at predicting δ15N (period Bayesian R2=0.10, continuous-time Bayesian R2=0.06) or
δ13C (period Bayesian R2=0.06, continuous-time Bayesian R2=0.03), indicating that mean
signatures did not vary appreciably over time no matter the method used. Because the model
with time binned into periods describes the data slightly better, we focus on those results here;
the results of the continuous time model can be found in Appendix B (Figure S25). The first two
periods, which correspond to the first period in the comparative model (see Figure 5 for
breakdown), give additional detail on how isotopic signatures changed before the onset of the
HABs. Though changes in mean signatures over the nine years of turtle samples were small,
they changed the fastest between periods 1-3 (Figure S26). Nitrogen signatures in period 1 of
this analysis were more depleted than period 2 (still pre-bloom) and successive periods during
and after the blooms remained enriched (Figure S26). Nitrogen signatures did not return to prebloom values until 2017. Green turtle δ13C grew more enriched from period 1 through period 3,
then slowly became more depleted but never returned to pre-bloom levels (Figure S26).
Isotopic signature variance changed more than the means over time (Figure 10, Figure
S26). Green turtle δ15N variance declined from period 1 through period 3, remained low during
and after the HABs through period 6, then slowly rose through period 9 (Figure 10). In period 9,
δ15N variance reached similar levels as that of period 2, but δ15N variance never returned to its
original high point. Green turtle δ13C variance showed a similar pattern in the beginning of the
study, declining from a high in period 1 through period 3 (Figure 10). However, δ13C variance
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remained low through the end of period 9, never increasing and reaching a low point in period
8. Model-predicted means, variances, and 95% credibility intervals for the green turtle-only
model are shown in Table S5.

Figure 8. Density plots of posterior distributions of carbon variance in the comparative model,
by period and species. Green density plots are green turtle posterior distributions and dark gray
are pinfish posterior distributions. Green turtle carbon variance was moderately higher in
period 1 than periods 2-4; pinfish carbon variance was similar in all periods.
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Figure 9. Density plots of posterior distributions of nitrogen variance in the comparative model,
by period and species. Green density plots are green turtle posterior distributions and dark gray
are pinfish posterior distributions. Green turtle nitrogen variance was higher in period 1 than
periods 2-4; pinfish nitrogen variance was similar in periods 1, 2, and 4 but was higher in period
3.
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Figure 10. Density plots of posterior probability distributions of central IRL green turtle carbon
(δ13C, left) and nitrogen (δ15N, right) isotopic variance as estimated by the Bayesian linear
model with discrete time periods. See Figure 2 for timeline of periods. Isotopic variance of both
elements declined during the blooms and remained low throughout the remainder of the study
period; nitrogen showed more recovery than carbon.
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Discussion
Previous research shows that HABs in the IRL led to substantial declines in seagrass and
macroalgae cover (Phlips et al. 2015, Long et al. 2021, Chapter 1). This study provides the first
analysis examining how HABs are related to green turtle foraging ecology. We documented
long-term changes in green turtle stable isotopic signature variance, a widely used measure of
foraging ecology (Hobson 1999, Rubenstein and Hobson 2004, Shiffman et al. 2012, Nielsen et
al 2018). These changes do not follow the same pattern as long-term changes in pinfish, a
measure of the habitat baseline, indicating that the changes in green turtle isotopic signatures
are not explained by nutrient pollution-related changes in primary producer signatures. In
addition, we showed that these changes in green turtle foraging ecology lasted well after the
end of the HABs in the region, a potentially important extension of our understanding of how
HABs impact these species of conservation concern and consumers more generally.
Our conclusion that green turtle signatures are not changing solely because of changes
in primary producer signatures rests partially on the assumption that pinfish signatures are a
good representation of changes in the IRL seagrass- and macroalgae-based food web. Pinfish
have small home ranges when in estuarine habitats (Irlandi and Crawford 1997, Potthoff and
Allen 2003, Garwood et al. 2019) and therefore pinfish signatures are possibly strong indicators
of changes in baseline IRL signatures. Pinfish also migrate offshore to spawn (Muncy 1984,
Darcy 1985) and information about their foraging habits offshore is limited. However, given
their dependence on seagrass and drift macroalgae for foraging (Stoner 1979, Stoner 1980,
Stoner 1982) and shelter from predation (Jordan et al. 1997, Adams et al. 2004, Harter and
Heck 2006), and the relative lack of seagrass and drift macroalgae in oceanic regions along the
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east central coast of Florida, it is likely a reasonable assumption that pinfish signatures are
representative of the lagoon.
It is unknown whether pinfish foraging ecology remained relatively unchanged during
the HABs. Pinfish may shift to herbivory under high nutrient conditions (Heck et al. 2000, Heck
et al. 2006), but in the IRL the abundance of macroalgal epiphytes and seagrass that pinfish
would consume dropped off quickly and precipitously in the central IRL during the 2011-2013
HABs (Long et al. 2021). However, central IRL signatures of macroalgae during the algal blooms
were approximately -18‰ for δ13C and approximately 7‰ for δ15N (Lapointe et al. 2015). After
a 2-4‰ standard trophic level increase in δ15N (McCutchan Jr. et al. 2003), these values closely
match pinfish model-estimated mean signatures. If this indicates that pinfish foraging reflects
the same macroalgal food sources that green turtles use in the IRL, then either these
macroalgae themselves were highly variable in their isotopic content during the HABs (possible
due to spatial variation in nutrient sources) or the fish had more variable foraging strategies
during the HABs. Lesser et al. (2020), in a more direct test at a different study site, showed a
similar pattern to our results: with decreasing seagrass productivity, pinfish isotopic niche width
increased but average trophic position remained the same. If the pinfish in our study exhibited
similar changes, it complicates the interpretation of pinfish signatures and their representation
of IRL baselines.
With caveats related to the uncertainty around pinfish foraging strategies, green turtle
habitat use and/or foraging ecology likely didn’t remain the same as pre-bloom; however, the
manner of these changes is uncertain. Primary producer signatures did not show large changes
in the central IRL during the HABs (Lapointe et al. 2015), and pinfish signatures didn’t change in
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a manner consistent with broad changes in primary producer signatures in the IRL. If juvenile
green turtles utilized the seagrass and macroalgae in the IRL similarly despite the algal blooms,
we likely would see the same patterns in signature variation as in the pinfish. Instead, green
turtle isotopic variance dropped for both elements while mean signatures remained relatively
unchanged—different from what happened in pinfish. Turtle mean signatures do not
correspond with macroalgae in the IRL during the blooms (Lapointe et al 2015), which is
somewhat expected given low recapture rates and poor habitat conditions (Long et al. 2021)
for turtles that can move freely among oceanic and estuarine habitats (e.g., nearshore worm
rock reefs; Kubis et al. 2009).
The changes we documented in green turtle δ13C and δ15N variance could result from
changes in diet selection or habitat use. Omnivory is not documented in IRL green turtles
(Holloway-Adkins 2001, Redfoot et al. 2014, Chapter 3), although the methods used
(esophageal lavage) may not necessarily capture gelatinous prey items effectively. Regardless,
fundamental changes in what IRL green turtles are eating, although theoretically possible, can
probably be ruled out. The diversity of green turtle diet could have decreased (e.g., no seagrass
and only nutrient-tolerant algae taxa), leading to reduced variance in isotopic signatures.
However, seagrass and nutrient-tolerant macroalgae had already declined substantially before
the blooms (Long et al. 2021) due to reduced water clarity, and green turtles were already
highly dependent on nutrient-tolerant macroalgae before the HABs (Holloway-Adkins 2001,
Redfoot et al. 2014). Reductions in diet diversity cannot be ruled out but the degree of their
impact on isotopic variation here is uncertain.
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The degree to which juvenile green turtle habitat use changes in response to changing
conditions is not as well studied, both in the IRL and elsewhere. Stable isotopic signatures vary
systematically among locations (Hobson 1999, Bowen et al. 2009, Vander Zanden et al. 2018);
of the elements we used, this is generally more true of δ13C (Hobson 1999, Rubenstein and
Hobson 2004). Our study also revealed high correlation between δ13C and δ15N, suggesting that
δ15N signatures have high levels of spatial variation; spatial isotopic patterns in primary
producers have been documented in the area and attributed to the influences of anthropogenic
nitrogen (Lapointe et al. 2015, Barile 2018). If juvenile green turtles were less likely to recruit to
or remain in the lagoon from other locations due to poor conditions, turtle isotopic variance
would decrease as it did in our study. Recapture rates of juvenile green turtles in the IRL are low
(7.96%, Long et al. 2021), suggesting low or short-lived site fidelity, but studies of green turtle
movement ecology in the IRL are limited. In order to better understand how nutrient pollution
and HABs are affecting green turtles in the IRL, more movement ecology studies are necessary.
The lack of large changes in mean signatures in either species likely indicates that mean
signatures of primary producers in the IRL also did not change appreciably, at least in the study
area. While nutrient pollution is heavily implicated in declines in seagrass cover in the IRL
(Lapointe et al. 2020, Long et al. 2021), it is a long-term phenomenon. The HABs in the IRL from
2011-2013 weren’t connected to a new nutrient source or particularly large pulse of exogenous
nutrients; instead, endogenous nutrients and unusual weather patterns played large roles in
bloom formation (Phlips et al. 2015).
Stable isotopic variance can reflect ecological niche width (Bearhop et al. 2004,
Newsome et al. 2007, Newsome et al. 2012, Lesser et al. 2020). We believe that are some
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strong caveats to that interpretation here, as neritic juvenile green turtles are highly mobile
(e.g., Seminoff and Jones 2006, Robinson et al. 2017, Southwood Williard et al. 2017) and likely
move among habitats frequently. Given their high correlation in our study, it is likely that both
δ13C and δ15N are influenced heavily by foraging location. The influence of freshwater influx and
sewage causes spatial variation in nitrogen signatures in addition to the expected variation in
carbon signatures among locations (Lapointe et al. 2015, Barile 2018, Lapointe et al. 2020). The
combination of green turtle movements and high levels of spatial variation in isotopic
signatures could cause the appearance of increased or decreased ecological niche width that is
actually related to changes in habitat use. Similar situations have been documented in other
taxa (Ceia et al. 2014, Reddin et al. 2018). Only in the broadest sense of an ecological niche (i.e.,
one that includes spatial dimensions) can our results indicate any changes in ecological niche
width for juvenile green turtles.
Overall, our study is the first to evaluate the impacts of HABs on juvenile green turtle
foraging ecology through the use of stable isotopes. Although our study has some caveats as
outlined above, it illustrates the importance of long-term data sets and monitoring programs in
the study of unpredictable phenomena like HABs. Our post-hoc approach would be improved
by the inclusion of long-term sampling of primary producers as a baseline indicator of habitat
conditions and isotopic signatures.
Juvenile green turtle foraging ecology was altered by the IRL HABs of 2011-2013, and
these impacts may have continued more than five years after the HABs subsided. Although our
understanding of this lasting impact is potentially complicated by the occurrence of other
blooms in our “post-bloom” period (e.g., additional blooms of A. lagunensis, Barile 2018, Judice
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et al. 2020), the occurrence of more HABs serves to further illustrate the scope of the problem.
Whether changes in green turtle foraging ecology relate to changes in habitat use or diet
diversity or a combination of the two, the correlation between changes in foraging ecology,
HABs, and decreased juvenile green turtle abundance in the IRL (Long et al. 2021) is concerning
for this Threatened species. Harmful algal blooms, including those in the IRL, are made more
likely by sustained nutrient pollution (Anderson et al. 2008, Heisler et al. 2008, Lapointe et al.
2015, Lapointe et al. 2017, Barile 2018) and both nutrient pollution and HABs are getting more
common globally (Glibert et al. 2018). Future work should focus on the exact nature of HAB
impacts on green turtles and other protected species (e.g., manatees) in order to improve
conservation efforts and understand whether improved regulation of anthropogenic nutrients
is necessary to avoid adverse impacts to protected species’ habitats.
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CHAPTER 4: JUVENILE GREEN TURTLE DIET AFTER MULTIPLE
HARMFUL ALGAL BLOOMS
Introduction
The diet of a consumer defines a key aspect of its interactions with the environment.
Diet self-evidently is a large contributor in an organism’s trophic interactions, and diet also
contributes to an organism’s susceptibility or resilience to ecosystem change through multiple
mechanisms. Organisms with increased dietary breadth may be more resilient to changes
(Slatyer et al. 2013, Vidal and Murphy 2017) or able to exploit anthropogenically impacted
habitats than specialists (Palacio 2019). Conversely, diet of consumer species can also be used
as an ecological indicator of ecosystem status and anthropogenic impacts (Stewart et al. 2009,
Yonezaki et al. 2015, Thayne et al. 2019, Gül and Griffen 2020).
Nutrient pollution affects the relative abundance of marine primary producers.
Seagrasses are often sensitive to the negative effects of nutrient pollution (Orth et al. 2005,
Duarte et al. 2008, Ferreira et al. 2011, Roca et al. 2016). In contrast, nutrient pollution can
favor macroalgae over seagrasses (Duarte 1995, Burkholder et al. 2007, Bryars et al. 2011,
Connell et al. 2017, Lapointe et al. 2020). This dynamic is widespread enough that some have
proposed the use of macroalgae abundance as a measure of light attenuation for seagrass
conservation (Nelson 2017). Sustained nutrient pollution also promotes harmful algal blooms of
microscopic algal taxa (HABs; Anderson et al. 2002, Anderson et al. 2008, Heisler et al. 2008),
which can outcompete both macroalgae and seagrasses for light and resources.
Neritic juvenile green turtles predominantly feed on macroalgae or seagrasses (Jones
and Seminoff 2013). Relative proportions of seagrass and macroalgae in the diet vary among
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sites (Jones and Seminoff 2013) and juvenile green turtles can also exhibit variable levels of
omnivory depending on study site and age/size class (Jones and Seminoff 2013, Carman et al.
2013, Vélez-Rubio et al. 2016, Gillis et al. 2018, Fukuoka et al. 2019, Howell and Shaver 2020). It
has been suggested that individuals may specialize on specific diet strategies (Bjorndal 1980)
but evidence for this is mixed (Vander Zanden et al. 2013, Thomson et al. 2018). In the IRL,
juvenile green turtles predominantly forage on drift macroalgae (>85% of overall diet volume;
Holloway-Adkins 2001, Redfoot 2014), similar to other locations affected by nutrient pollution
(Arthur and Balazs 2008, Lapointe and Bedford 2011, Santos et al. 2013).
In the Indian River Lagoon, macroalgae are common (Littler et al. 2008), considered an
indicator of nutrient pollution (Lapointe et al. 2015, Barile 2018), and short-term increases in
their abundance are sometimes called harmful algal blooms (Lapointe et al. 2015), although this
term is more typically applied to blooms of microscopic taxa. In the early 2010s, multiple HABs
of phytoplankton and picocyanobacteria sharply decreased the abundance of drift macroalgae
followed by a recovery to pre-bloom levels (Chapter 1, Phlips et al. 2015, Long et al. 2021). The
impacts of these dynamics on juvenile green turtle diet are unknown. As I’ve shown in previous
chapters, juvenile green turtle abundance, growth, and foraging ecology in the IRL have
changed as nutrient pollution and algal blooms impact the IRL (Chapters 1-2, Long et al. 2021).
However, whether turtle diet has changed is a different question, and can help refine our
understanding of stable isotope results (Chapter 2) while also adding new information about
green turtle trophic interactions and the turtles’ potential resilience to environmental change.
Most studies of sea turtle diet use visual identification of esophageal lavage or stomach
contents, which may be biased against some types of taxa (e.g., gelatinous prey). In addition,
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identifying diet items visually requires substantial expertise and could be subject to
misidentification where multiple taxa are morphologically similar. In recent years, diet
metabarcoding has increased in use as next-generation sequencing technology becomes more
available and methods are refined (Pompanon et al. 2012, de Sousa et al. 2019). Briefly, this
technique uses PCR to amplify conserved genetic markers whose sequences differ among diet
taxa of interest (Pompanon et al. 2012, de Sousa et al. 2019). In a mixed sample of unknown
composition, the sequences amplified from diet samples are compared to a reference database
with known taxonomic classification, thereby classifying the diet to describe diet composition
(Pompanon et al. 2012, de Sousa et al. 2019). While this technique is also subject to biases and
pitfalls (e.g., amplification bias, reference sequence availability, higher cost), it could prove
useful as a complementary technique to visual identification.
Here I replicate previous esophageal lavage studies of juvenile green turtle diet in the
IRL (Holloway-Adkins 2001, Redfoot et al. 2014) while also incorporating metabarcoding
methods to examine juvenile green turtle diet in the aftermath of multiple HABs. My objectives
are to (1) characterize the diet of juvenile green turtles using multiple methods; (2) evaluate
and compare the effectiveness of metabarcoding to characterize diet with visual identification;
and (3) use this information to draw inferences regarding the impact of HABs on the IRL and
juvenile green turtles.
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Methods
Esophageal lavage
I collected diet samples from turtles encountered in 2017 and 2018 at the same study
site described in Chapters 1 and 2. I sampled 46 green turtles using esophageal lavage in a
similar manner to previous studies (Holloway-Adkins 2001, Redfoot et al. 2014). Turtles were
placed in the lap of a research assistant, upside-down. After using a rigid, plastic implement to
open the turtle’s mouth, I inserted lubricated, flexible tubing (3/8” or ½” outer diameter) that
was attached to a hand-operated pump (operated by a second assistant) into the turtles’
mouths. As seawater was pumped through the tubing, I moved the end of the tubing in and out
within the esophagus to dislodge food items from esophageal papillae. The seawater and food
items were flushed out of the mouth and into a small bucket held by a third assistant. This
process continued for 20-30 seconds, after which I removed the tubing and water was allowed
to drain from the turtle’s mouth into the sample bucket. I strained the bucket contents through
a 0.5mm mesh bag and retained the diet items in the bag, collected diet items were placed in a
plastic container on ice in the field, and frozen at -20°C within 3 hours of sampling. Diet samples
remained frozen until visual identification.

Visual identification
My collaborator and regional diet expert, Dr. Karen Holloway-Adkins, identified the
seagrass and algae diet items in 45 samples based off of their morphological features. We
placed the sample in a small Petri dish and used a dissecting microscope to view each sample.
For a small subset of samples (n=5 turtles), she identified all diet items in the sample broad
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taxonomic groups (e.g., seagrass, red algae, green algae) as a result of an initially different
protocol. For the remainder (n=40), all diet items were identified down to genus or species level
with few exceptions that were typically seagrass rhizomes with no defined morphological
characteristics. As the diet items were identified, she separated them in the Petri dish. After the
identification process was complete, we each visually estimated the proportion of each
identified group independently to a precision of 0.01, and I took the average of our two
estimates. In the occasion that our estimated proportions did not total to 1 due to an
arithmetic error, I converted them to proportions of the erroneous total. Small animals (e.g.,
molluscs, crustaceans) or debris were typically not identified to genus but were recorded and
included in the visually estimated proportions.

Sample preparation for metabarcoding
All subsequent steps for sample preparation, PCR amplification, and analysis closely
follow the methods of Sarkis et al. (in prep). Where necessary because a sample was too large
to use the whole sample (n=35 out of 45), I subsampled the diet samples by vortexing the
sample briefly to mix and homogenize it, then weighing out 200-250 mg of wet sample into
impact-resistant vials along with two 5/32” stainless steel beads into the impact-resistant.
These were dried using an Eppendorf Vacufuge Plus for 10-50 minutes depending on their
water content, then divided into multiple subsamples (<100 mg) to reduce the amount of
material to improve the efficiency of bead-beating. Samples were stored at -80°C until
homogenization.
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Working in batches of 5-8 samples, I flashfroze the impact-resistant vials (containing
samples and beads) for 5 minutes in liquid nitrogen (LN). I left the metal sample caddy in the
freezer as long as possible to limit sample thawing as much as possible. After the 5 minutes had
elapsed, I retrieved the metal caddy from the -80°C freezer, placed the samples into the caddy
using tongs, and doused the caddy and samples once more with a small amount of LN. I
immediately placed flash-frozen caddy and samples in a Spex SamplePrep MiniG 1600
Automated Tissue Homogenizer and Cell Lyser and they were shaken at 1500 rpm for 45
seconds. If any sample in a batch appeared to need further homogenization, I doused the caddy
and all samples once more with LN and repeated the MiniG homogenization; I repeated this
process until all samples in a batch consisted of a fine powder. Homogenized samples were
placed back in the -80°C freezer immediately, as the homogenization process can lead to
quickly degrading DNA.

DNA extraction
I used Qiagen Plant Mini Kits to extract homogenized samples, following the
manufacturer’s protocol with two modifications. The first modification was that no matter
whether the lysis buffer showed signs of precipitation or not, I always warmed the lysis buffer
using a 55°C hot water bath in order to stay consistent between batches. Secondly, upon
retrieving a batch of samples from the -80°C freezer, I pipetted the warm lysis buffer into the
vial with the still-frozen, homogenized samples immediately in order to avoid DNA degradation
during the thawing process. After DNA extraction, I pooled equal volumes of subsamples where
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applicable, and measured the DNA concentration of all samples using a BioTek Synergy HTX
multi-mode reader.

PCR protocol
I used a two-PCR protocol to produce PCR amplicons; for PCR 1, I amplified the locus of
interest using primers that also incorporated sequences that allowed for the attachment of
Illumina indexes in PCR 2. I amplified a 313-bp fragment of cytochrome oxidase I (COI) using the
forward primer mlCOIintF (GGWACWGGWTGAACWGTWTAYCCYCC, Leray et al. 2013) and
reverse primer HCO2198 (TAAACTTCAGGGTGACCAAAAAATCA, Folmer et al. 1994) in my 45
samples and 7 negative controls. I used a 25 µL PCR 1 reaction mix consisting of 12.5 ng of
template DNA, 1 µL of 1 µM forward primer, 1 µL of 1 µM reverse primer, 12.5 µL of KAPA HiFi
HotStart ReadyMix, and the remaining volume of RT-PCR grade water. The negative controls
consisted of the same reaction mix, except with no template DNA and this volume replaced
with RT-PCR grade water. Thermocycler settings for PCR 1 were as follows: initial denaturation
at 95°C for 5 minutes; 25 cycles of 95°C for 30 seconds, 46°C for 30 seconds, and 72°C for 30
seconds; and a final extension step of 72°C for 5 minutes. Following PCR 1, I used a 1.2x volume
of SeraPure beads to clean-up the reaction and isolate PCR 1 product before continuing on to
PCR 2.
For PCR 2, the index PCR, I used a Nextera XT v2 Index Kit to dual-index my samples and
negative controls using the included Index 1 (N7XX) and Index 2 (N5XX) primers that attach to
overhanging sequences introduced by the PCR1 primers. This second PCR adds a combination
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of adapters unique to each sample, allowing for efficient demultiplexing after sequencing. I
used a 50 µL reaction volume consisting of: 17 µL of PCR 1 product, 2 µL of Index 1 primer, 2 µL
of Index 2 primer, 25 µL of Kapa HiFi HotStart ReadyMix, and 4 µL of RT-PCR grade water.
Thermocycler settings for PCR 2 were as follows: initial denaturation at 95°C for 3 minutes; 8
cycles of 95°C for 30 seconds, 55°C for 30 seconds, and 72°C for 30 seconds; and a final
extension step of 72°C for 5 minutes. Following PCR 2, I used a 1.2x volume of SpeedBeads to
clean-up the reaction, remove small fragments, and isolate PCR 2 product before continuing on
to sequencing.

Pre-sequencing sample preparation
After measuring PCR 2 product concentrations using the Microspot plate reader, I
created an equimolar pool of all samples and negative controls. I measured the average
fragment size on a TapeStation and used a NEBNext® Library Quant Kit to get a precise
measurement of the DNA concentration in my equimolar pool. Using the fragment size and
concentration, I diluted my pooled PCR 2 products to 4 nM.

Sequencing
I conducted my sequencing using a MiSeq Reagent Kit v3 (600-cycle kit, paired-end
sequencing with a read length of 300 bp) on the Illumina MiSeq located in-house in the
Genomics and Bioinformatics Cluster lab space. Immediately prior to sequencing, I denatured
the 4 nM pooled sample by combining 5 µL with an equal volume of 0.2 N NaOH and allowing it
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to incubate for 5 minutes at room temperature before adding 990 µL of HT1 from the MiSeq kit
to create a 20 pM dilution of my denatured sample pool. From this, I diluted 450 µL of the 20
pM sample with an additional 150 µL of HT1 to reach my desired loading concentration of 15
pM. Similarly, I denatured 5 µL of 4 nM PhiX with an equal volume of 0.2 N NaOH, then diluted
this sample to 20 pM using 990 µL of HT1 and then combined 450 µL of the 20 pM sample with
an additional 150 µL of HT1 to reach a final PhiX concentration of 15 pM. I combined the 450 µL
of the 15 pM sample pool with 150 µL of the 15 pM PhiX to create a final sequencing library
with a 25% spike-in of PhiX. This relatively high spike-in ensures that the sequencing run will not
fail, as metabarcoding libraries typically show low diversity. I conducted a final denaturation
step by incubating the library at 96°C for 5 minutes followed by 5 minutes on ice, then loaded
the library onto the MiSeq for sequencing.

Diet sequence quality control and sequence variant calling
Sample data were automatically de-multiplexed by Illumina BaseSpace using the sample
sheet I created which denotes the unique combination of dual 8 bp indexes for each sample
mentioned in the PCR protocol section. I primarily performed my bioinformatic analyses on the
command line using QIIME2, with some exceptions as noted. After importing the sequence
FASTQs to QIIME2, I used the cutadapt plug-in to remove the primer sequences, their
complements, and the Illumina index adapters from the unmerged forward and reverse reads. I
examined the sequence quality information using QIIME2 visualizations based on Q30 scores
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and determined that I should trim the forward reads to a length of 274 (removing 1 bp) and
reverse reads to a length of 268 (removing 7 bp).
Next, I used the DADA2 plugin which implements the DADA2 denoising algorithm for
identifying sequencing errors, filtering out chimeric and PhiX reads, and aligning and merging
forward and reverse reads (Callahan et al. 2016). I also used DADA2 to determine the amplicon
sequence variants (ASVs) using default parameters; DADA2 uses an iterative partitioning
algorithm that is more sensitive to fine-scale sequence variation than OTU-based classification
based on sequence dissimilarity cut-offs (Callahan et al. 2016, O’Rourke et al. 2020). The
representative ASVs (i.e., the unique amplicon sequences in the sample pool) are the sequences
compared to a reference database to resolve the taxonomy of each sample.

Reference sequence database construction and quality control
I created an R script in R version 4.0.2 to access and download COI reference sequences
and taxonomy data from the Barcode of Life Database (Ratnasingham and Hebert 2007) using
the bold (version 1.2.0; Chamberlain 2021) and taxize (version 0.9.98; Chamberlain and Szocs
2013, Chamberlain et al. 2020) R packages. Using this script, I downloaded all available COI
sequences and their associated taxonomic classifications for the groups listed in Appendix C
(Table S6). In addition, I determined that two key taxonomic groups, the seagrass order
Alismatales and the green algae family Ulvophyceae, had low availability of sequences (Table
S6). I supplemented the seagrass BOLD sequences with COI sequences from NCBI GenBank and
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attempted to do the same for green algae, but no additional sequences were available (Table
S6).
I combined the resulting files into one large file on command line, and separated them
into a taxonomy file and sequence file. I removed characters from the sequence file that were
outside the accepted IUPAC character set (e.g., letters from the set {QEUIOPFJLZX}) or because
they caused errors when trying to import into QIIME2 as unaligned sequences (e.g., hyphens,
parentheses). From this set of sequences, I trimmed leading and trailing ambiguous nucleotides
(“N”s) and imported into QIIME2. Using the rescript plugin in QIIME2 (Robeson et al. 2020), I
removed any sequence with more than five ambiguous nucleotides or a homopolymer greater
than 12 nucleotides in length, discarded replicate sequence/taxonomy pairs, and filtered out
sequences with no listed phylum; these protocols were conservative to insure that the classifier
at the end identifies sequences unambiguously and as well as possible, rather than using
potentially suspect reference sequences.
I aligned these sequences using MAFFT v7.310 (Katoh and Standley 2013). First, I
created a small reference alignment of 2000 randomly selected sequences that fit the following
parameters: between 600 and 1100 bp in length, no ambiguous nucleotides, and from class
Florideophyceae (a class of red algae that was the most common taxonomic group in the visual
identification data). I aligned the forward primer (MCOIntF) and the complement of the reverse
primer (HCO2198) to these aligned sequences, determined the coordinates of the primers in
these sequences, and then extracted the primer-amplified region from the small reference
alignment to check that the fragment length was correct (313 bp). After confirming this, I
aligned the remaining sequences and trimmed them to the primer-amplified region in a similar
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fashion as the reference alignment, confirming as I did so that the primer coordinates matched
the reference alignment.

Taxonomic classifier
I again removed any replicate sequence/taxonomy pairs and removed gaps from the
final reference database using the rescript plugin (Robeson et al. 2020). I then used the
reference sequences and taxonomy to train a Naïve Bayes classifier using the feature-classifier
plugin in QIIME2. Using the optimized Naïve Bayes parameter settings for identifying novel taxa
from Bokulich et al. (2018), I used the trained classifier to assign a taxonomy to the
representative ASVs from my diet samples. I report the taxonomic classifications of all samples,
although some (3 negatives and 3 samples) had low read counts (<2000 reads) after denoising
(see Table S7 for sequence counts by sample).

Statistical analyses
At the population level, I characterized diet in three ways. The first, population percent
volume (PPV), is the average percentage of a given diet item across all individuals. The second,
frequency of occurrence (FO) is the percentage of individuals that had consumed any amount
of that diet item. Finally, for the sequence data I characterized the population percent
sequences (PPS) as the average percentage of sequences of a given classification for a group of
samples. At the individual level, I tested for a linear relationship between straight carapace
length (SCL) and the diet proportion of red algae (division Rhodophyta), green algae (phylum
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Chlorophyta), and seagrasses (order Alismatales) using generalized linear models of the logittransformed proportions (Warton and Hui 2011). I also tested for differences in these metrics
across seasons, again using generalized linear models of the logit-transformed proportions. I
defined the seasons as groups of three months as follows: spring (March-May), summer (JuneAugust), fall (September-November), winter (December-February).
For diversity analyses of the visual identifications, I removed samples with only phylumlevel identified taxa. If diet items were identified to species, I lumped them into their genus to
avoid considering items identified to the same genus but different species as different taxa. For
samples with a mix of genus and phylum-level information, I only considered the genus level
information; the only exception to this was unidentified seagrass, where I included this as a
separate group as these were typically seagrass rhizomes of unknown origin rather than leaf
tissue that is easily identifiable. I used this dataset to calculate Shannon diversity, Simpson
diversity, and Pielou’s evenness, to test whether these different metrics of diet diversity
changed with turtle size or across seasons using generalized linear models.

Results
Turtle summary and comparison to aggregation
I used lavage samples from 46 turtles captured in the Indian River Lagoon from 20172018. Average SCL of the lavaged turtles was 48.0 cm (SD: 8.71 cm, range: 32.8-69.0 cm),
almost exactly that of all juvenile green turtles captured by the UCF MTRG in 2017-2018 (48.1
cm, SD: 9.05 cm, n=187). By season, 10 lavaged turtles were captured in spring (21.7%), 14 in
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summer (30.4%), 14 in fall (30.4%), and 8 in winter (17.4%); the distribution for all 2017-2018
turtles was 32 spring (17.0%), 57 summer (30.3%), 50 fall (26.5%), 49 winter (26.0%). By year,
12 lavaged turtles were captured in 2017 (26.1%) and 34 were captured in 2018 (73.9%);
overall, 72 juvenile green turtles were captured in 2017 (38.3%) and 116 were captured in 2018
(61.8%).

Visual identification
Division Rhodophyta (red algae) was the most common of the higher-order taxonomic
groupings consumed by green turtles, with a population percent volume (PPV) of 74.0% and a
frequency of occurrence (FO) of 97.8%. The most common genera consumed were Hypnea
(38.3% PPV, 82.6% FO), Gracilaria (11.3% PPV, 39.1% FO), Acanthophora (6.6%, 28.3% FO), and
Spyridia (4.6%, 15.2% FO). Unclassified red algae made up an additional 8.9% PPV and were
present in 17.4% of samples. Additional genera identified in juvenile green turtle diet were (in
descending order by PPV) Polysiphonia, Solieiria, Chondria, Centroceros, and Ceramium. See
Figure 11 and Appendix D for a breakdown of diet by individual.
The second-most common higher-order grouping in green turtle diet was seagrasses
(order Alismatales), with a PPV of 11.2% and FO of 67.4%. Within seagrasses, the most common
genera was Halophila with a PPV of 5.3% and FO of 37.0%. Within Halophila, it was sometimes
possible to identify to species; of these, H. decipiens (1.1% PPV, 13.0% FO) was more common
than H. johnsonii (0.06% PPV, 2.2% FO). Other genera of seagrasses consumed by green turtles
were Halodule (1.1% PPV, FO 30.4%) and Syringodium (0.06% PPV, 2.2% FO). Unidentified
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seagrass, which typically consisted of rhizomatous tissue but infrequently included unclassified
leaf tissue, was also common (4.7% PPV, 28.3% FO).
Macrophytic green algae (phylum Chlorophyta) consisted of 6.2% of green turtle diet by
PPV and were present in 52.2% of samples. Within Chlorophyta, the most common genera were
Chaetomorpha (3.0% PPV, 15.2% FO) and Cladophora (2.1% PPV, 17.3% FO). Other genera were
Caulerpa (0.7% PPV, 8.7% FO) and Ulva (0.2% PPV, 6.5% FO). Unidentified green algae consisted
of 0.2% PPV and were present in 13% of samples. Brown algae (class Phaeophyceae) was
relatively uncommon in comparison to the three previous groups, and typically consisted of a
very small portion of a given turtles diet if found (0.1% PPV, 8.7% FO). Two genera were
identified: Dictyota (0.1% PPV, 8.7% FO) and Sargassum (0.08% PPV, 2.2% FO).
Most samples (8.4% PPV, 93.5% FO) had other items not included in the four previous
groups. Small pieces of shell (“shell hash”) made up the bulk of these items (3.4% PPV, 65.2%
FO). Of the remainder, the most likely to have been intentionally ingested by the foraging turtle
were bryozoans (0.2% PPV, 23.9% FO), filamentous animals that resemble macrophytic algae.
Other organic items ingested included very small gastropods (1.1% PPV, 36.9% FO), bivalves
(1.0% PPV, 8.7% FO), unknown invertebrates (0.8% PPV, 28.3% FO), crabs (0.1% PPV, 4.3% FO),
tube worms (0.07% PPV, 6.5% FO), skeleton shrimp (0.05% PPV, 4.4% FO), seeds (0.02% PPV,
4.4% FO), and an isopod (0.02% PPV, 2.2% FO). Aside from shell hash, other inorganic or nonliving items were present in small amounts including rocks, detritus, plastic, polypropylene line,
thread, and decomposing matter.
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Figure 11. Bar plot of diet proportions by lavage sample from visual identifications of juvenile
green turtle diet. Top portion is classified into higher-order groupings, lower portion to genus
and species where possible. Shades of color in the lower portion indicate the higher order
classification of that taxon (e.g., shades of red are genera within Rhodophyta). Red algae
(Rhodophyta) were the dominant higher-order group, with seagrass and green algae also
important components of green turtle diet. At lower taxonomic levels, Hypnea and Gracilaria
were most common.
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Sequencing results and reference database construction
The sequencing run generated 12.5 million sequences for 52 samples (45 samples and 7
negative controls; one diet sample was lost between visual identification and sequencing), with
89.3% of reads at or above Q30 and 80.3% of reads passing filter. After DADA2 denoising,
removal of chimeric sequences and PhiX reads, and read merging, 9.3 million sequences
remained. These sequences consisted of 1,125 unique amplicon sequence variants (ASVs).
Before quality control, my reference database consisted of 329,804 COI sequences.
After conducting quality control by removing non-IUPAC characters, duplicate references,
sequences with more than 5 degenerate nucleotides and/or a homopolymer longer than 12
nucleotides, sequences <200 bp or >1600 bp, and sequences with no phylum information,
167,189 COI sequences remained (50.7% of original). I used those sequences that passed
quality control in my final reference database for the Naïve Bayes taxonomic classifier.

Sample classification and contamination
The seven negative control samples returned a high proportion of sequences that were
present in the diet samples as well. The three most common classifications in the negative
controls were the genus Gracilaria (35.0% PPS), the order Gracilariales (24.7% PPS), and the
genus Gracilariopsis (PPS 13.7%). These three groups respectively accounted for 17.7%, 17.8%,
and 20.8% PPS of the sequences obtained from the diet samples. For all diet item classifications
found in the negatives (n=21), negative control PPS correlated strongly with diet sample PPS
(r=0.60, Figure 12).
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Figure 12. Scatterplot of average population percent sequences (PPS) of green turtle diet taxa
collected from negative controls and samples from turtles foraging in the Indian River Lagoon,
FL (USA) 2017-2018. Diet taxa were identified by metabarcoding in negative controls and diet
samples. The PPS of a given taxa in the negative controls was correlated (r=0.60) with PPS in
diet samples. Colors correspond roughly to those in Figure 3.
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Aside from contamination issues, which were seemingly significant, the metabarcoding
process and taxonomic classifier did a relatively poor job of identifying and classifying the taxa
present in samples. Seagrass was not identified by metabarcoding as being present in any
sample, despite it being identified in the visual identification process as present in 67.4% of
samples. Green algae also was not identified by the metabarcoding despite being present in
52.2% of samples.
There were two potentially notable contributions of my metabarcoding work. First,
metabarcoding identified new genera of red algae to not previously found in green turtle diet:
Gracilariopsis, Aghardiella, Rhodachlya, and Acrochaetium. Gracilariopsis was the most
frequent genus of red algae (20.8% PPS) that I identified and Aghardiella was not uncommon
(5.0% PPS); these frequencies are questionable due to contamination, but the presence of
these taxa has not been previously documented. Second, metabarcoding identified cnidarians,
which were not identified in visual identification but consisted of a low percentage of
sequences (0.01% PPS). Frequency of occurrence for these taxa in the metabarcoding data is
almost certainly misleading given that I also found these taxa in the negative controls. See
Figure 13 for the metabarcoding classification results by sample.
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Figure 13. Bar plot of diet proportions by sample from metabarcoding identifications. Negative
controls had many of the same taxa as the diet samples. Diet samples are not in the same order
as in Figure 1. Sample LAV084 was lost between visual identification and metabarcoding, and is
included here as an empty column in the figure.

Turtle diet relationships with other factors
Using the visual identification data only, the percentage of red algae, green algae, and
seagrass in an individual turtle’s diet was not related to turtle size (Figure 14, Appendix C, Table
S8). Juvenile green turtle diet did not show differences in the mean proportion of red algae,
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green algae, or seagrass among seasons (Table S9, Figure 15) and models of these proportions
showed a relatively poor model fit (green algae deviance explained = 18.9%, seagrass deviance
explained = 3.7%). However, while mean proportions did not change among seasons, more
individuals had a high proportion of seagrass in summer and fall, and two individuals showed a
very high proportion of green algae in winter (Figure 15). Diet diversity was unrelated to turtle
size (Appendix C, Table S10) but all metrics of diversity were lowest in winter (Appendix C, Table
S11, Figure 16). As with the relative proportions, these relationships are based off of small
samples sizes; winter was also the lowest season in terms of sample size (n=8), which could bias
the diversity estimates low.

Figure 14. Relationship between proportion of three major groups of diet taxa (red algae, green
algae, and seagrass) and green turtle size (SCL) in the Indian River Lagoon, FL (USA), 2017-2018.
Size was not related to the proportion of any of the three groups.
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Figure 15. Relationship between proportions of three major groups of green turtle diet taxa
(red algae, green algae, and seagrass) and season in the Indian River Lagoon (2017-2018).
Green algae were a more important part of turtle diet in winter and seagrass increased in
importance from spring through fall.
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Figure 16. Relationships between juvenile green turtle diet diversity metrics and season in the
Indian River Lagoon (2017-2018). Note the different y-axis scales. Winter diet diversity was
lowest for all three metrics but this relationship could be a result of small sample sizes.

Discussion
Overall, I characterized the diet of juvenile green turtles captured in the Indian River
Lagoon, FL from 2017-2018 and found that it consisted largely of red algae, with smaller but still
important components of seagrass and green algae. Mean proportions of these three broad
groups did not change among seasons or with turtle size, but individuals with a high proportion
of seagrass were more common in summer. Diet metabarcoding was largely unsuccessful at
providing additional information or improving existing information as a result of sample
contamination and insufficient ability to identify important taxonomic groups identified in the
visual data. In comparison to previous studies (Holloway-Adkins 2001, Redfoot 2014), at broad
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taxonomic levels diet remained relatively similar but at lower taxonomic levels the composition
has shifted, especially within red algae.
The use of DNA metabarcoding to study diet is expanding as sequencing becomes less
costly and the technique more refined and accessible (Pompanon et al. 2012, de Sousa et al.
2019), but my study demonstrates that it still can be of limited utility in some cases. Although
there were many COI sequences available from public databases, many (49.3%) were either of
low quality or duplicates and removed during the quality control process. Green algae COI
sequences for my visually identified taxa were largely unavailable; I was only able to obtain
three sequences from family Ulvophyceae for my reference database and one of these was lost
to quality control. In addition, metabarcoding failed to identify any seagrass or green algae in
my samples despite the high FO and PPV of these groups in juvenile green turtle diet. Although
some seagrass and green algae sequences were removed in the quality control process, there
were others that remained and the classifier should have been able to identify any seagrass or
green algae sequences at least to a higher taxonomic level, if not to genus or species.
These deficiencies could result from the non-mutually exclusive issues of low extraction
efficiency, low PCR efficiency, or the inability of COI to distinguish between taxa. The
homogenization and Qiagen extraction process I implemented may have been less effective at
breaking down seagrass or green algae cell walls than those of red algae. Amplification bias is a
known issue with metabarcoding (e.g., Clarke et al. 2014, Hatzenbuhler et al. 2017,
Krehenwinkel et al. 2017, van der Loos and Nijland 2020), but the differences would have to be
quite large to explain my results. Finally, while metabarcoding can have difficulties resolving
taxa at lower taxonomic levels (Elbrecht and Leese 2017, Bokulich et al. 2018), it seems unlikely
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that it would show such low success at higher levels; seagrasses are the only marine flowering
plants and therefore if a sequence had been properly classified to phylum level
(Magnoliophyta) that would’ve been sufficient to quantify seagrass content using the
metabarcoding data.
The final and largest issue with the metabarcoding data from my study was
contamination, highlighting the importance of sequencing negative controls. The source of
contamination is unknown, but it is most likely one of the reagents given that I found
contamination across all PCR runs. The contamination problem also exacerbates the issues
described above. For example, if contamination were not an issue it would be reasonable to
employ the visual identification data as a way to account for extraction or PCR biases, but that
approach would likely be very ineffective with my data because it is impossible to disentangle
the potential influences of biases and contamination on the resulting sequenced proportions.
Although my metabarcoding identified some potentially new genera of red algae that
were not identified from the visual data or in previous studies (Holloway-Adkins 2001, Redfoot
2014), these results may be a result of misclassifications. Gracilariopsis is a sister taxon of
Gracilaria, the second most common red algae in my data and a common red algae found in
previous studies (Holloway-Adkins 2001, Redfoot 2014). It is possible that Gracilariopsis was
misclassified in my metabarcoding data or potentially that it was misidentified in the visual
data; some resources describe Gracilariopsis as having distinctive morphological features when
mature (Littler et al. 2008) but older resources have described Gracilariopsis lemainiformis as
difficult to distinguish from Gracilaria verrucosa (Schneider et al. 1991). Similar caveats may
apply to the identification of Aghardiella, which is morphologically similar to and a sister taxon
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of Solieiria (Littler et al. 2008). The other two new genera of red algae (Rhodachlya and
Acrochaetium) that I identified were extremely infrequent and therefore also questionable
classifications. The caveats around these classifications highlight both the depth of knowledge
needed to morphologically identify macrophytic algae and the need for improved reference
sequence availability. Future studies may wish to barcode potential diet items from their study
site along with diet items in order to improve classification performance, but field sampling,
PCR amplification, and sequencing of every possible diet item would prove difficult.
In recent years, knowledge of neritic juvenile green turtle diet has shifted from
considering them as pure herbivores to an understanding that omnivory is relatively common
(e.g., Carman et al. 2013, Vélez-Rubio et al. 2016, Gillis et al. 2018, Fukuoka et al. 2019, Howell
and Shaver 2020, Seminoff et al. 2021). In the IRL, however, omnivory in previous studies was
very uncommon (Holloway-Adkins 2001, Redfoot 2014) but there was potential for
methodological bias. My metabarcoding identified a small proportion (0.01% PPS) of cnidarian
sequences, indicating that cnidarians are likely a component of juvenile green turtle diet. The
degree of contamination prevents robust estimation of how frequent cnidarian consumption is
in IRL green turtles. In addition, esophageal lavage is biased against recovering gelatinous prey
because they are less likely to remain on the esophageal papillae. Different methodologies
(e.g., gut contents of stranded turtles, fecal metabarcoding, stable isotope mixing models,
animal-borne cameras) may provide more conclusive information about the degree of
omnivory in IRL green turtles.
The nutrient tolerance of a consumer’s diet may determine one aspect of how resilient
that consumer is to the effects of nutrient pollution on an ecosystem. The visual diet data
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confirm that juvenile green turtle diet in the IRL remains dominated by nutrient-tolerant
macrophytic algae. Genus Gracilaria was more common in previous studies (Holloway-Adkins
2001: 30.9% PPV, Redfoot 2014: 69.2% PPV) than in my data (11.3% PPV), and the reverse is
true of Hypnea (my data: 38.3% PPV, Holloway-Adkins 2001: 1.7% PPV, Redfoot 2014: 8.4%
PPV). Interestingly, macrophytic green algae were much more common (6.2% PPV) than in
previous studies (Holloway-Adkins 2001: 0.8% PPV, Redfoot 2014: 0.28% PPV). The green algae
taxa I found are all nutrient-tolerant (genera: Ulva, Cladophora, Chaetomorpha, Caulerpa;
Lapointe and O’Connell 1989, Lavery et al. 1991 Teichberg et al. 2010, Gennaro and Piazzi
2010), perhaps indicating a small shift in the primary producer community in the lagoon.
However, nearly all of the genera discussed in this paragraph have been documented in Florida
since the 1840s (Bailey 1848), all have been documented in the IRL since the 1960s (Phillips
1961), and the composition of drift algae in the IRL is seasonally and temporally variable
(Virnstein and Carbonara 1985, Virnstein 1990). Therefore, while the continued dominance of
macroalgae in the diet of juvenile green turtles likely adds another piece of evidence indicating
an ecosystem negatively impacted by anthropogenic nutrient pollution and HABs (Virnstein
1990, Lapointe et al. 2015, Barile 2018), the lower classifications probably add minimal
information regarding the status of the ecosystem or the effect of nutrient pollution or HABs on
juvenile green turtles.
Although juvenile green turtle diet in the IRL is mainly comprised of nutrient-tolerant
macrophytic algae, seagrasses form a common part of the diet as well (11.2% PPV, 67.4% FO).
Despite multiple decades of nutrient pollution and large-scale seagrass die-offs in the area
(Chapter 1), seagrasses have remained about as important in juvenile green turtle diet as they
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were in the late 1990s (Holloway-Adkins 2001: 10.1% PPV, 52.4% FO; Redfoot 2014: 11.8%
PPV). Holloway-Adkins (2001) reported that juvenile green turtles consumed much lower
amounts of seagrass than was available in the habitat, although seagrass cover has declined
drastically since that study (Chapter 1; Long et al. 2021). Understanding what may drive
individual-level diet differences, and whether these differences come with a cost (e.g., search
costs to find less abundant seagrass), is key to determining how nutrient pollution may impact
juvenile green turtles.
There is limited information about the relative nutritional quality of red algae, green
algae, and seagrass as forage for juvenile green turtles. In Hawaii, red and green algae typically
had higher soluble carbohydrate, protein, and energy content but lower lipid content than
seagrass (McDermid et al. 2007); however, these values were variable among species and
based off of small sample sizes. In the French West Indies, macroalgae had lower nitrogen
content than seagrass and were avoided by foraging juvenile green turtles (Whitman et al.
2018). Other studies have examined nutritional quality within these groups (e.g., Bjorndal 1980,
Christianen et al. 2019, Campos and Cardona 2020) but the comparison among groups is most
important for determining the impacts of nutrient pollution on sea turtles.
Somatic growth rates may also offer some insight into the relative nutritional benefits of
different diets. Northwest Atlantic-wide, juvenile green turtles characterized as algae-feeders
or mixed seagrass/algae-feeders (at the study site level, as broadly characterized by local
researchers) have lower growth rates than seagrass-only turtles (Bjorndal et al. 2017). Juvenile
green turtle growth rates at the IRL study site declined from 2001-2011 as seagrass cover also
declined, then rose as seagrass cover remained low (Chapter 1; Long et al. 2021) but the
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relative proportions of seagrass and algae in the diet have remained similar across three studies
in the same time period (this study, Holloway-Adkins 2001, Redfoot 2014). Overall, substantially
more work is needed to determine the relative nutritional value of red algae, green algae, and
seagrass so as to determine the effect, if any, of diet on somatic growth and other important
demographic parameters (e.g., age at maturity).
Seagrass and macroalgal cover is generally highest in summer and lowest in winter,
likely due to seasonal changes in light availability and penetration (Chapter 1, Virnstein and
Carbonara 1985, Short et al. 1993); because algal blooms also limit light availability and
penetration (but to a higher degree), seasonal changes in juvenile green turtle diet may indicate
how juvenile green turtle diet changes during algal blooms. Therefore, it may be instructive that
more individual green turtles had high proportions of seagrass in summer and fall months when
seagrasses are at their highest (Chapter 1, Long et al. 2021) and two individuals ate
predominantly green algae in winter months when seagrass cover is lowest. Relatedly, average
diet diversity is lowest in winter, perhaps giving insight into the reduced stable isotopic variance
during and after algal blooms (Chapter 2). The changes among seasons in diversity and mean
relative proportions were small and may be related to small sample sizes, so more work is
needed to robustly determine these relationships. It may be possible to test whether diet is
driving stable isotopic variance by testing the relationship between among-individual variation
in diet versus stable isotopic variance, but that would require more extensive and paired
sampling of juvenile green turtle diet and stable isotopic variance than presented within the
scope of this study.
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Within the broader context of sea turtle diet studies, my results are not unusual or
unexpected. Macroalgae are a common diet item (Jones and Seminoff 2013) especially in areas
impacted by nutrient pollution (Arthur and Balazs 2008, Santos et al. 2013). With respect to the
effect of algal blooms on juvenile green turtle diet, my results are mixed. Although the relative
proportions of lower-level taxa have changed (e.g., increases in Hypnea, decreases in
Gracilaria), at a broad scale the relative proportions of nutrient-tolerant algae and seagrasses
remain largely the same. This could be a positive indicator for the resilience of juvenile green
turtles to these anthropogenic impacts. On the other hand, juvenile green turtle abundance
was at its lowest point since 2000 during my diet sampling period (Chapter 1, Long et al. 2021)
and diet has seemingly remained similar during this long-term decline, so diet may be relatively
unrelated to broader population trends and not a good indicator of resilience to anthropogenic
impacts. Future research should focus on the nutritional needs of juvenile sea turtles, how
different diets impact growth, and the implications of both as nutrient pollution and
anthropogenic impacts on coastal areas become more widespread.
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CHAPTER 5: CONCLUSION
Across the previous three chapters, I have shown how nutrient pollution and harmful
algal blooms (HABs) may be affecting juvenile green turtles in the Indian River Lagoon, Florida
(IRL). Juvenile green turtle abundance steadily declined from 2001-2018 and growth rates
declined through 2011 before climbing back to their original levels by 2018 (Chapter 2). Juvenile
green turtle foraging ecology, as indicated by stable isotopes, became less variable during and
after the harmful algal blooms (HABs) of 2011-2013 (Chapter 3). Finally, juvenile green turtle
diet remained similar to previous studies, despite the impacts of the 2011-2013 HABs on IRL
primary producers (Chapter 4). Each of these studies is correlational in nature, but together
they present compelling evidence that the ecosystem-level changes occurring in the Indian
River Lagoon are impacting the juvenile green turtles that occupy this developmental foraging
habitat.
In the context of other threats to marine turtles, nutrient pollution and HABs in the IRL
are likely less impactful. As of 2010, a conservative estimate concluded that more than 4,900
turtles die every year as a result of fisheries bycatch (Finkbeiner et al. 2010) and it’s estimated
that 9 million hawksbills were killed over a 150-year period as part of the illegal trade of their
carapaces (e.g., tortoiseshell; Miller et al. 2019). However, this does not mean that HABs are
unimportant. Some of the trends in demographic data are worrying. Green turtle growth rates
are density-dependent (Bjorndal et al. 2000), suggesting that nutrient limitations (e.g., die-offs
of primary producers or nutrition declines due to changes in primary producer communities)
would affect growth rates as well. Growth rates are also a potentially strong determinant of age
at maturity (Heppell et al. 2003) and green turtles do not demonstrate compensatory growth
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for earlier low growth rates (Roark et al. 2009; it should be noted this study was conducted with
hatchlings). Sea turtle population growth rates are also sensitive to estimates of age at maturity
(Heppell et al. 2003, Casale and Heppell 2016).
Sustained and widespread changes in juvenile growth rates, if they occurred, could be a
threat to long-lived, late-maturing sea turtles. As an example, in Chapter 2, I show that mean
growth rates of IRL green turtles declined from approximately 5 cm/year to approximately 3
cm/year at their lowest point. Although growth rates recovered, these declines in growth rates
could be a concern. If green turtles reach maturity at a very conservative minimum size of 81.4
cm (Phillips et al. 2021), a 40 cm juvenile turtle would take an additional 5.52 years to reach
maturity with a 3 cm/year growth rate compared to 5 cm/year. With an estimated neritic
juvenile survival probability of 0.891 (Bjorndal et al. 2003), this hypothetical turtle’s probability
of reaching adulthood would decline from 0.38 to 0.20. Of course, each of these estimates is
highly variable among sites and individuals, but it serves to illustrate the potential impact that
declining somatic growth rates can have on sea turtle survival and population trajectories.
A lack of research on multiple fronts has resulted in a relatively poor understanding of
marine turtle habitat selection. Although many studies have examined habitat use through
satellite tracking (reviewed by Hays and Hawkes 2018), the cues that marine turtles use to
select habitats are mostly unknown yet key to understanding how nutrient pollution affects
marine turtles. Some studies draw inferences about selection for oceanographic features (e.g.,
Doyle et al. 2008, Chambault et al. 2017) or bathymetry (e.g., Bárcelo et al. 2013, Fujisaki et al.
2016) and their hypothetical association with prey availability. Some studies show differences in
habitat use based on forage quality and/or the abundance of predators (Heithaus et al. 2007,
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Whitman et al. 2019). But aside from these last two, our knowledge of what drives marine
turtle habitat use mostly comes down to hypotheses, and even these are mostly restricted to
large scale oceanographic features.
At the broad scales of movement for oceanic juveniles and adults, the lack of studies is
understandable due to logistical infeasibility of concurrently understanding both habitat
qualities (e.g., food availability, temperature at depth) and animal movements in a detailed
manner over large spatial and temporal scales. But for neritic juveniles that typically exhibit
relatively small home ranges (e.g., Seminoff et al. 2002, Makowski et al. 2006, MacDonald et al.
2012), studies of how they choose among habitats are more logistically feasible. Yet no studies
have explicitly examined the effect of water quality (e.g., turbidity, light penetration, total
and/or dissolved inorganic nitrogen, total phosphorus) on green turtle habitat use despite its
key influence on the primary producer community (Carpenter et al. 1998, Howarth et al. 2002),
high variability among and within locations (e.g., within the IRL, Phlips et al. 2011), and relative
ease of measurement. Studies of how marine turtles select habitat or diet items are logistically
difficult, but also necessary to further our understanding of green turtle movements and
distributions in order to more effectively protect their habitats.
One compelling factor with potential to affect many aspects of juvenile green turtle
foraging ecology and habitat selection is the gastrointestinal microbiome. The role of the
hindgut (i.e., cecal) microbiome in green turtle digestion has been hypothesized about since
Bjorndal (1980), but only in recent years have these studies have become feasible (Ley et al.
2008). Recent work has shown how diet may relate to this microbiome in more controlled
rehabilitation settings (Bloodgood et al. 2020) and in wild-caught turtles completing their
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transition to nearshore environments (Price et al. 2017, Campos et al. 2018). It is highly likely
that this microbiome affects multiple aspects of digestion and nutrition, and therefore has the
potential to affect habitat selection and foraging. Of special interest may be the speed at which
the microbiome may change in response to a new diet and the resulting costs to digestion and
energy acquisition in the interim. Although microbiome sequencing has similar methodological
concerns to diet metabarcoding (e.g., contamination and amplification biases), a multi-level
study from microbiome to diet to habitat selection nevertheless has potential to provide
insights into how marine turtles select their diets and habitats.
The rapid growth of green turtle populations in recent years (Chaloupka et al. 2008;
UCFMTRG unpublished data) has sparked debate about the ecological role of sea turtles in a
changing world with limited predators and declining seagrasses (Heithaus et al. 2014,
Fourqurean et al. 2019, Christianen et al. 2021, Gangal et al. 2021). While some locations are
reporting steeply declining seagrass cover as a result of green turtle herbivory (Fourqurean et
al. 2019, Christianen et al. 2021, Gangal et al. 2021), other studies are showing the
sustainability of moderate levels of herbivory (Gulick et al. 2020, Gulick et al. 2021) and the role
of green turtles as seagrass seed dispersers (Tol et al. 2017).
Green turtles may also have an ecological role to play with respect to seagrass
ecosystems affected by nutrient pollution and the resulting blooms of both microalgae and
macroalgae. In coral reefs and seagrass ecosystems, grazers moderate the effects of increased
nutrients on corals and seagrasses by foraging on the more opportunistic algae in experiments
(Hughes et al. 2004, McSkimming et al. 2015, Zanaveld et al. 2016) and at an ecosystem scale
(Walsh 2011). If the root causes of poor water quality begin to be addressed (e.g., septic tanks;
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Lapointe et al. 2015), the top-down control provided by green turtles on macroalgae could help
restore a more natural seagrass system more quickly. This would depend in part on diet
preferences of green turtles; green turtles may prefer native seagrasses over invasive
seagrasses and macroalgae (Whitman et al. 2019), but it’s unclear how site-specific this
relationship is and it likely depends on the relative nutritional quality and availability of the
different diet taxa.
In turn, the ultimate role green turtles and other grazers may play in ecosystem
processes also depends on effective conservation at higher trophic levels in order to prevent
overgrazing (Heithaus et al. 2014, Fourqurean et al. 2019, Christianen et al. 2021, Gangal et al.
2021). While the degree of overgrazing seen in some locations is unsustainable, it is seemingly a
marker of anthropogenic destabilization of these ecological systems rather than inherent
conflict in seagrass and sea turtle conservation (Heithaus et al. 2014). Similarly, the IRL has
reached what some have called a “tipping point” away from a seagrass-dominated system or
even a mixed macroalgae/seagrass system, and towards one dominated by macroalgae and
HABs (Lapointe et al. 2015). The ecological destabilization of the IRL and the oceans at multiple
trophic levels highlights the need for accelerated and adaptable conservation efforts in order to
restore ecological systems over the long term.

List of References
Barceló C, Domingo A, Miller P, Ortega L, Giffoni B, Sales G, McNaughton L, Marcovaldi M,
Heppell SS, Swimmer Y (2013) High-use areas, seasonal movements and dive patterns of
juvenile loggerhead sea turtles in the Southwestern Atlantic Ocean. Mar Ecol Prog Ser
479:235–250. doi: 10.3354/meps10222
115

Bjorndal KA, Bolten AB, Chaloupka MY (2000) Green turtle somatic growth model: evidence For
density dependence. Ecol Appl 10:269. doi: 10.2307/2641001
Bjorndal KA, Bolten AB, Chaloupka MY (2003) Survival probability estimates for immature green
turtles Chelonia mydas in the Bahamas. Marine Ecology Progress Series 252:273-81
Carpenter SR, Caraco NF, Correll DL, Howarth RW, Sharpley AN, Smith VH (1998) Nonpoint
pollution of surface waters with phosphorus and nitrogen.
Casale P, Heppell SS (2016) How much sea turtle bycatch is too much? A stationary age
distribution model for simulating population abundance and potential biological
removal in the Mediterranean. Endanger Species Res 29:239–254. doi:
10.3354/esr00714
Chaloupka M, Bjorndal KA, Balazs GH, Bolten AB, Ehrhart LM, Limpus CJ, Suganuma H, Troëng S,
Yamaguchi M (2008) Encouraging outlook for recovery of a once severely exploited
marine megaherbivore. Glob Ecol Biogeogr 17:297–304. doi: 10.1111/j.14668238.2007.00367.x
Christianen MJA, van Katwijk MM, van Tussenbroek BI, Pagès JF, Ballorain K, Kelkar N, Arthur R,
Alcoverro T (2021) A dynamic view of seagrass meadows in the wake of successful green
turtle conservation. Nat. Ecol. Evol. 5:553–555.
Finkbeiner EM, Wallace BP, Moore JE, Lewison RL, Crowder LB, Read AJ (2011) Cumulative
estimates of sea turtle bycatch and mortality in USA fisheries between 1990 and 2007.
Biol Conserv 144:2719–2727. doi: 10.1016/j.biocon.2011.07.033
Fourqurean JW, Manuel SA, Coates KA, Massey SC, Kenworthy WJ (2019) Decadal Monitoring in
Bermuda Shows a Widespread Loss of Seagrasses Attributable to Overgrazing by the
Green Sea Turtle Chelonia mydas. Estuaries and Coasts 42:1524–1540. doi:
10.1007/s12237-019-00587-1
Fujisaki I, Hart KM, Sartain-Iverson AR (2016) Habitat selection by green turtles in a spatially
heterogeneous benthic landscape in dry Tortugas National Park, Florida. Aquat Biol
24:185–199. doi: 10.3354/ab00647
Gangal M, Gafoor A-B, D’Souza E, Kelkar N, Karkarey R, Marbà N, Arthur R, Alcoverro T (2021)
Sequential overgrazing by green turtles causes archipelago-wide functional extinctions
of seagrass meadows. Biol Conserv 260:109195. doi: 10.1016/j.biocon.2021.109195
Gulick AG, Johnson RA, Pollock CG, Hillis-Starr Z, Bolten AB, Bjorndal KA (2020) Recovery of a
large herbivore changes regulation of seagrass productivity in a naturally grazed
Caribbean ecosystem. Ecology 101:e03180. doi: 10.1002/ecy.3180

116

Gulick AG, Johnson RA, Pollock CG, Hillis‐Starr Z, Bolten AB, Bjorndal KA (2021) Recovery of a
cultivation grazer: A mechanism for compensatory growth of Thalassia testudinum in a
Caribbean seagrass meadow grazed by green turtles. J Ecol 1365-2745.13718. doi:
10.1111/1365-2745.13718
Hays GC, Hawkes LA (2018) Satellite tracking sea turtles: Opportunities and challenges to
address key questions. Front. Mar. Sci. 5:432.
Heithaus MR, Frid A, Wirsing AJ, Dill LM, Fourqurean JW, Burkholder D, Thomson J, Bejder L
(2007) State-dependent risk-taking by green sea turtles mediates top-down effects of
tiger shark intimidation in a marine ecosystem. J Anim Ecol 76:837–844. doi:
10.1111/j.1365-2656.2007.01260.x
Heppell SS, Snover ML, Crowder LB (2003) Sea turtle population ecology. In: Lutz PJ, Musick JA,
Wyneken J (eds) The Biology of Sea Turtles: Volume II. CRC Press, pp 275-306
Howarth RW, Sharpley A, Walker D (2002) Sources of nutrient pollution to coastal waters in the
United States: Implications for achieving coastal water quality goals. Estuaries 25:656–
676. doi: 10.1007/BF02804898
Hughes AR, Bando KJ, Rodriguez LF, Williams SL (2004) Relative effects of grazers and nutrients
on seagrasses: A meta-analysis approach. Mar Ecol Prog Ser 282:87–99. doi:
10.3354/meps282087
Lapointe BE, Herren LW, Debortoli DD, Vogel MA (2015) Evidence of sewage-driven
eutrophication and harmful algal blooms in Florida’s Indian River Lagoon. Harmful Algae
43:82–102.
MacDonald BD, Lewison RL, Madrak S V., Seminoff JA, Eguchi T (2012) Home ranges of East
Pacific green turtles Chelonia mydas in a highly urbanized temperate foraging ground.
Mar Ecol Prog Ser 461:211–221. doi: 10.3354/meps09820
Makowski C, Seminoff JA, Salmon M (2006) Home range and habitat use of juvenile Atlantic
green turtles (Chelonia mydas L.) on shallow reef habitats in Palm Beach, Florida, USA.
Mar Biol 148:1167–1179. doi: 10.1007/s00227-005-0150-y
McSkimming C, Tanner JE, Russell BD, Connell SD (2015) Compensation of nutrient pollution by
herbivores in seagrass meadows. J Exp Mar Bio Ecol 471:112–118. doi:
10.1016/j.jembe.2015.05.018
Miller EA, McClenachan L, Uni Y, Phocas G, Hagemann ME, Van Houtan KS (2019) The historical
development of complex global trafficking networks for marine wildlife. Sci Adv
5:eaav5948. doi: 10.1126/sciadv.aav5948

117

Phillips KF, Stahelin GD, Chabot RM, Mansfield KL (2021) Long-term trends in marine turtle size
at an important Atlantic rookery. Ecosphere 00(00):e03631
Phlips EJ, Badylak S, Christman M, Wolny J, Brame J, Garland J, Hall L, Hart J, Landsberg J, Lasi
M, Lockwood J, Paperno R, Scheidt D, Staples A, Steidinger K (2011) Scales of temporal
and spatial variability in the distribution of harmful algae species in the Indian River
Lagoon, Florida, USA. Harmful Algae 10:277–290. doi: 10.1016/j.hal.2010.11.001
Roark AM, Bjorndal KA, Bolten AB (2009) Compensatory responses to food restriction in
juvenile green turtles (Chelonia mydas). Ecology 90:2524–2534. doi: 10.1890/08-1835.1
Seminoff JA, Resendiz A, Nichols WJ (2002) Home range of green turtles Chelonia mydas at a
coastal foraging area in the Gulf of California, Mexico. Mar Ecol Prog Ser 242:253–265.
doi: 10.3354/meps242253
Walsh SM (2011) Ecosystem-Scale Effects of Nutrients and Fishing on Coral Reefs. J Mar Biol
2011:1–13. doi: 10.1155/2011/187248
Whitman ER, Heithaus MR, Barcia LG, Brito DN, Rinaldi C, Kiszka JJ (2019) Effect of seagrass
nutrient content and relative abundance on the foraging behavior of green turtles in the
face of a marine plant invasion. Mar Ecol Prog Ser 628:171–182. doi:
10.3354/meps13092
Zaneveld JR, Burkepile DE, Shantz AA, Pritchard CE, McMinds R, Payet JP, Welsh R, Correa AMS,
Lemoine NP, Rosales S, Fuchs C, Maynard JA, Thurber RV (2016) Overfishing and
nutrient pollution interact with temperature to disrupt coral reefs down to microbial
scales. Nat Commun 7:1–12. doi: 10.1038/ncomms11833

118

APPENDIX A: SUPPLEMENTAL LONG-TERM FIGURES AND RESULTS
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Appendix A, Figure S17. Component smooths of the green turtle abundance GAM in the Indian
River Lagoon from 2001 to 2018. Y-axes in a), b), and d) represent the scaled response with
respect to study day (represented in years for easier interpretation), month, and capture effort.
The figure in c) is the scaled representation of non-additive variation in green turtle abundance
by month and study day. Green turtle abundance declined over time (a), was lowest in summer
and highest in winter (b), showed reduced intra-annual variability over the course of the study
period (c), and declined after approximately 1.5 net-km hours of effort. A portion of the turtle
abundance data were also used by Ehrhart et al. (2007).
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Appendix A, Figure S18. Component smooths of the Indian River Lagoon green turtle growth
rate HGAM. Y-axes in a), b), d) and e) represent the scaled response with respect to mean study
day (represented in years for easier interpretation), mean straight carapace length (SCL), and
random effect of turtle ID. The figure in c) is the scaled representation of non-additive variation
in growth rates by mean SCL and study day. Green turtle growth rates declined from 2001
through 2011 before rising again through the end of the study period (a), did not change with
size (b), did not show non-additive changes between size and year (c), varied highly among
individuals (d), and did not change with interval between captures. Grayed out regions in c)
represent areas without data.
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Appendix A, Figure S19. Turtle size over time for all Indian River Lagoon green turtles used in
growth rate analyses from 2001-2018. Points are actual data, the blue solid line is the
predictions of an HGAM relating study day to turtle size. Blue dashed lines represented 95%
confidence intervals (CIs), which are wide due to the individual-turtle random effect structure
of the model. Green turtle size fluctuated over time but showed no consistent pattern.
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Appendix A, Figure S20. Component smooths of Indian River Lagoon seagrass percent cover
HGAM for data from 2001-2018. Y-axes in a), b), and d) represent the scaled response with
respect to mean study day (represented in years for easier interpretation), month, and sitespecific random intercepts. The figure in c) is a representation of the non-additive variation in
seagrass percent cover by month and study day, where grayed out regions represent areas
without data. Seagrass cover declined steeply over time (a), was highest in summer months (b),
intra-annual trends varied over time (c), and showed significant variation among sites (d).
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Appendix A, Figure S21. Component smooths of the Indian River Lagoon algae percent
occupancy HGAM for data from 2011-2018. Y-axes in a), b), and d) represent the scaled
response with respect to mean study day (represented in years for easier interpretation),
month, and site-specific random intercepts. The figure in c) is a representation of the nonadditive variation in algae percent occupancy by month and study day. Grayed out regions in c)
represent areas without data. Algae occupancy stayed relatively consistent except for a steep
decline and recovery during 2011-2013 (a), was generally highest in summer (b), showed
complex changes in intra-annual variation (c), and varied among sites (d).
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Table S1. Model coefficients for Indian River Lagoon turtle abundance GAM, seagrass percent
cover HGAM, and algae percent occupancy HGAM for data from 2001-2018. The s() predictors
are single-factor smooths, whereas ti() predictors are tensor product interactions of the two
variables listed. Study Site was modeled as a random effect using s(bs=”re”) notation. Edf=
estimated degrees of freedom, Ref. df= reference degrees of freedom.
Turtle abundance
Predictor

Seagrass % cover

Algae % occupancy

edf

Ref. df

F

edf

Ref. df

F

edf

Ref. df

F

s(Study Day)

1.45

6

1.090

10.32

10.83

77.63

13.24

14.34

17.15

s(Month)

4.42

10

14.32

4.94

10

30.23

4.44

10

3.19

ti(Study Day,

15.77

60

0.80

21.13

94

0.77

24.82
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0.483

1.87

9

1.633

--

--

--

--

--

--

--

--

--

5.90

6

52.73

3.84

6

2.01

variable

Month)
s(Net Km
Hours)
s(Study Site)
Deviance

41.3%

84.6%

explained
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56.3%

Table S2. Model coefficients for Indian River Lagoon turtle growth rate HGAM for data from
2001-2018. The s() predictors are single-factor smooths, whereas ti() predictors are tensor
product interactions of the two variables listed. Turtle ID was modeled as a random effect using
s(bs="re") notation.
Turtle growth rate
Predictor variable

edf

Ref. df

F

s(GR Study Day)

5.45

5.67

10.50

s(Mean SCL)

1.71

1.80

2.57

ti(GR Study Day, Mean

1

1

1.67

s(Interval)

2.21

2.53

2.3

s(Turtle ID)

105.95

163

1.64

Deviance explained

88.9%

SCL)
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Table S3. Model coefficients for Indian River Lagoon turtle size HGAM for data from 2001-2018.
Turtle ID was modeled as a random effect using s(bs="re") notation.
Turtle size
Predictor variable

edf

Ref. df

F

s(GR Study Day)

4.61

4.97

3.50

s(Turtle ID)

114.59

163.00

2.63

Deviance explained

88.5%

127

Appendix A, Figure S22. Indian River Lagoon green turtle abundance by month over the study
period for data from 2001-2018. Points are actual data, blue solid lines are the predictions of
the turtle abundance GAM. Blue dashed lines represent 95% confidence intervals (CIs).
Predictions and CIs were smoothed using the default loess smooth in ‘geom_smooth’ in ggplot2
to avoid jagged steps from point to point.
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Appendix A, Figure S23. Indian River Lagoon seagrass percent cover by month from 2001-2018.
Points are actual data, blue solid lines are the predictions of the seagrass cover HGAM. Blue
dashed lines represent 95% confidence intervals (CIs). Predictions and CIs were smoothed using
the default loess smooth in ‘geom_smooth’ in ggplot2 to avoid jagged steps from point to
point.
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Appendix A, Figure S24. Indian River Lagoon algae percent occupancy by month from 20012018. Points are actual data, blue solid lines are the predictions of the algae percent occupancy
HGAM. Blue dashed lines represent 95% confidence intervals (CIs). Predictions and CIs were
smoothed using the default loess smooth in ‘geom_smooth’ in ggplot2 to avoid jagged steps
from point to point.
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APPENDIX B: SUPPLEMENTAL STABLE ISOTOPE FIGURES AND
RESULTS
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Appendix B, Figure S25. Results of the continuous-time Bayesian multivariate distributional
regression model of central Indian River Lagoon green turtle carbon and nitrogen stable
isotopic signatures for 2010-2018. Response values are standardized, green intervals represent
95% credibility intervals. Dotted line at 0 represents the mean value of the response over the
course of the study. Mean signatures of both elements showed little change over the study
period. Carbon variance declined slowly through the study period and nitrogen variance
declined and recovered.
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Appendix B, Figure S26. Mean carbon and nitrogen stable isotopic signature estimates by
period for Indian River Lagoon green turtles as estimated by the Bayesian linear model with
discrete time periods. Breakdown of sample periods can be found in Figure 5. Error bars
represent 95% credibility intervals of the models estimate of the mean. Mean signatures of
both elements showed mostly small change over the study period, although these changes
occurred fastest in periods 1-3.

133

Table S4. Coefficient estimates and credibility intervals for the comparative model of Indian
River Lagoon green turtle and pinfish stable isotopic signatures. Breakdown of sampling periods
can be found in Figure 5. Variance coefficients begin with “sigma” and are log-transformed.

d13C_Intercept
sigma_d13C_Intercept
d15N_Intercept
sigma_d15N_Intercept
d13C_Period2
d13C_Period3
d13C_Period4
d13C_Common_mePinfish
d13C_Period2:Common_mePinfish
d13C_Period3:Common_mePinfish
d13C_Period4:Common_mePinfish
sigma_d13C_Period2
sigma_d13C_Period3
sigma_d13C_Period4
sigma_d13C_Common_mePinfish
sigma_d13C_Period2:Common_mePinfish
sigma_d13C_Period3:Common_mePinfish
sigma_d13C_Period4:Common_mePinfish
d15N_Period2
d15N_Period3
d15N_Period4
d15N_Common_mePinfish
d15N_Period2:Common_mePinfish
d15N_Period3:Common_mePinfish
d15N_Period4:Common_mePinfish
sigma_d15N_Period2
sigma_d15N_Period3
sigma_d15N_Period4
sigma_d15N_Common_mePinfish
sigma_d15N_Period2:Common_mePinfish
sigma_d15N_Period3:Common_mePinfish
sigma_d15N_Period4:Common_mePinfish

Estimate Est.Error L-95%
CI
-15.44
0.34
-16.09
1
0.08
0.84
7.5
0.26
7.01
0.73
0.08
0.57
1.05
0.59
-0.13
0.54
0.56
-0.57
0.26
0.56
-0.83
-1.51
0.43
-2.38
-1.33
0.7
-2.7
-0.4
0.71
-1.82
-1.31
0.69
-2.64
-0.27
0.17
-0.59
-0.21
0.16
-0.52
-0.28
0.15
-0.56
-0.65
0.15
-0.93
0.43
0.23
-0.03
0.32
0.24
-0.16
0.26
0.25
-0.24
0.18
0.38
-0.57
0.39
0.38
-0.36
0.34
0.38
-0.4
3.14
0.32
2.54
-0.71
0.43
-1.56
-1.48
0.57
-2.57
-0.1
0.47
-1.04
-0.59
0.18
-0.91
-0.43
0.16
-0.73
-0.46
0.16
-0.75
-0.74
0.15
-1.02
0.31
0.24
-0.19
0.99
0.24
0.52
0.36
0.25
-0.15
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U-95%
CI
-14.78
1.17
8.02
0.9
2.23
1.66
1.38
-0.69
0.05
1
0.06
0.09
0.13
0.03
-0.35
0.87
0.8
0.75
0.91
1.14
1.09
3.75
0.15
-0.35
0.8
-0.21
-0.12
-0.13
-0.44
0.77
1.47
0.85

Table S5. Coefficient estimates and credibility intervals for the Indian River lagoon green turtleonly model of stable isotopic signatures. Breakdown of sampling periods can be found in Figure
5. Variance coefficients begin with “sigma” and are log-transformed.
d13C_Intercept
sigma_d13C_Intercept
d15N_Intercept
sigma_d15N_Intercept
Period 2
Period 3
Period 4
Period 5
Period 6
Period 7
Period 8
Period 9
sigma_d13C_Period2
sigma_d13C_Period3
sigma_d13C_Period4
sigma_d13C_Period5
sigma_d13C_Period6
sigma_d13C_Period7
sigma_d13C_Period8
sigma_d13C_Period9
Period 2
Period 3
Period 4
Period 5
Period 6
Period 7
Period 8
Period 9
sigma_d15N_Period2
sigma_d15N_Period3
sigma_d15N_Period4
sigma_d15N_Period5
sigma_d15N_Period6
sigma_d15N_Period7
sigma_d15N_Period8
sigma_d15N_Period9

Estimate
-15.7
1.22
7.01
0.93
0.46
1.31
0.82
0.54
0.8
0.59
0.13
0.12
-0.33
-0.46
-0.33
-0.46
-0.33
-0.5
-0.71
-0.38
0.81
0.66
0.87
0.81
1.17
0.84
-0.21
0.1
-0.3
-0.75
-0.53
-0.61
-0.82
-0.51
-0.49
-0.28

Est.Error
0.67
0.13
0.5
0.13
0.78
0.85
0.84
0.81
0.91
0.79
0.72
0.83
0.16
0.19
0.19
0.19
0.21
0.18
0.16
0.18
0.59
0.57
0.58
0.58
0.57
0.6
0.55
0.64
0.16
0.19
0.19
0.18
0.21
0.18
0.16
0.18

l-95% CI
-17.01
0.99
5.96
0.69
-1.04
-0.41
-0.88
-1.11
-1.01
-0.94
-1.28
-1.57
-0.66
-0.84
-0.69
-0.82
-0.72
-0.86
-1.02
-0.73
-0.33
-0.48
-0.24
-0.34
0.01
-0.31
-1.29
-1.12
-0.63
-1.13
-0.9
-0.97
-1.22
-0.88
-0.81
-0.63
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u-95% CI
-14.35
1.49
7.99
1.21
1.97
2.94
2.39
2.16
2.6
2.12
1.51
1.71
-0.02
-0.07
0.04
-0.09
0.08
-0.14
-0.4
-0.03
2.02
1.82
2.07
2.01
2.33
2.06
0.92
1.4
0.01
-0.36
-0.14
-0.24
-0.41
-0.16
-0.2
0.07
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Table S6. Summary of BOLD queries used to construct the reference database, number of
recovered sequences, and manual NCBI supplements for Indian River Lagoon green turtle diet
metabarcoding analyses.
Category BOLD query taxa names

Recovered BOLD

NCBI

sequences

sequences

79

0

Red algae Rhodophyta

21,708

0

Brown algae Phaeophyceae

4,789

0

33

18

248,804

0

48,748

0

525

0

5,100

0

Green algae Chlorophyta

Seagrass Alismatales
Diet animals Bryozoa, Mollusca, Cnidaria, Decapoda
Potential animal Homo, Cheloniidae
contaminants
Potential fungi Ascomycota, Basidiomycota,
contaminants Chytridiomycota, Glomeromycota
Myxomycota, Zygomycota
Potential protist Chlorarachniophyta, Ciliophora,
contaminants Heterokontophyta, Pyrrophycophyta

137

Table S7. Number of COI sequences in each Indian River Lagoon green turtle diet sample after
DADA2 denoising. Negative control samples are identified by the sample IDs from the PCR run
they accompanied.
Sample ID
LAV088
LAV011
LAV021
LAV073
LAV059
LAV060
LAV099
LAV105
LAV078
05-16negative
LAV018
LAV042
LAV039
LAV020
LAV103
LAV006
LAV083
LAV041
LAV008
LAV031
LAV063
LAV045
LAV016
LAV082
LAV061
LAV043
07-17redosnegative
LAV056
LAV049
LAV040
LAV017
56-99negative
LAV015

Number of
sequences
636248
381441
373251
341927
326923
319859
306042
306001
302986
293121
275060
274884
268676
267976
264226
261947
242973
241601
239646
233211
233148
227292
220868
187664
185112
175871
175480
174599
151390
137108
128408
121477
118992
138

Sample ID

Number of
sequences
LAV054
113922
LAV013
113390
17-51negative
107032
LAV010
100157
LAV019
93703
LAV070
87179
LAV087
69007
LAV053
56196
LAV074
52281
LAV046
42383
LAV014
37885
LAV051
34951
LAV085
8590
39-54negative
1241
63-103negative
993
07-31negative
720
LAV007
577
LAV029
576
LAV005
258
Table S8. Generalized linear model results for differences by Indian River Lagoon turtle size
(SCL) in logit-transformed proportions of the three major diet groups. Turtles were sampled in
2017 and 2018. Size was not related to the proportion of any of the three groups. Model
coefficients are logit-transformed.
Red Algae
Estimate
SE
t value
p-value
(Intercept)
-0.42769
1.98568
-0.215
0.83
SCL
0.03983
0.04058
0.981
0.332
Green Algae
Estimate
SE
t value
p-value
(Intercept)
-8.68043
2.75548
-3.15
0.00293
SCL
0.05228
0.05632
0.928
0.35835
Seagrass
Estimate
SE
t value
p-value
(Intercept)
-5.07373
2.94682
-1.722
0.0921
SCL
0.00484
0.06023
0.08
0.9363
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Table S9. Generalized linear model summary for seasonal differences in the logit-transformed
proportions of three major groups of Indian River Lagoon juvenile green turtle diet taxa. There
were no statistically significant seasonal differences. Model coefficients are logit-transformed.
Red Algae
Intercept (Spring)
Summer
Fall
Winter
Green Algae
Intercept (Spring)
Summer
Fall
Winter
Seagrass
Intercept (Spring)
Summer
Fall
Winter

Estimate
1.9134
0.1171
-1.3605
-0.2549

SE
0.7490
0.9807
0.9807
1.1236

t value
2.554
0.119
-1.387
-0.227

p-value
0.0144 *
0.9055
0.1727
0.8216

Estimate
-6.3017
0.4731
-1.5391
2.6634

SE
0.9709
1.2713
1.2713
1.4564

t value
-6.490
0.372
-1.211
1.829

p-value
7.83e-08 ***
0.7117
0.2328
0.0745

Estimate
-4.9689
0.6985
0.4115
-1.2050

SE
1.1207
1.4674
1.4674
1.6811

t value
-4.434
0.476
0.280
-0.717

p-value
6.54e-05
0.637
0.781
0.477

Table S10. Generalized linear model results for differences in three metrics of diet diversity by
size for Indian River Lagoon green turtles sampled in 2017 and 2018. Size (straight carapace
length, SCL) was unrelated to diet diversity for all metrics.
Shannon diversity

Estimate
SE
t value
p-value
(Intercept)
0.531918
0.315167
1.688
0.0991
SCL
0.002071
0.006383
0.324
0.7473
Simpson diversity
Estimate
SE
t value
p-value
(Intercept)
0.260287
0.17807
1.462
0.151
SCL
0.00174
0.003607
0.483
0.632
Pielou's evenness
Estimate
SE
t value
p-value
(Intercept)
0.0507979 0.0347525
1.462
0.151
SCL
0.0001869 0.0035878
0.052
0.9587

140

Table S11. Generalized linear model results for differences in three metrics of diet diversity
among seasons for Indian River Lagoon green turtles sampled in 2017 and 2018. Winter diet
diversity was lower by all three metrics, although this could be related to small sample sizes.
Shannon diversity
Intercept (Spring)
Summer
Fall
Winter
Simpson diversity
Intercept (Spring)
Summer
Fall
Winter
Pielou's evenness
Intercept (Spring)
Summer
Fall
Winter

Estimate
SE
t value
p-value
0.8179
0.1183
6.912
2.83E-08
-0.2211
0.1517
-1.458
0.1529
-0.1607
0.1565
-1.027
0.3109
-0.3684
0.1725
-2.136
0.0391
Estimate
SE
t value
p-value
0.43369
0.06748
6.427
1.32E-07
-0.11184
0.08649
-1.293
0.2036
-0.06148
0.08926
-0.689
0.4951
-0.18954
0.09837
-1.927
0.0613
Estimate
SE
t value
p-value
0.47019
0.06642
7.079
1.67e-08
-0.12693
0.08514
-1.491
0.1440
-0.03060
0.08787
-0.348
0.7295
-0.17521
0.09683
-1.809
0.0781
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Table S12. Proportional components of Indian River Lagoon juvenile green turtle diet by
individual as derived from visual identification data for turtles sampled in 2017 and 2018. Tag 1
and Tag 2 are flipper tag numbers, SCL = straight carapace length.
Lavage ID
Tag 1
Tag 2
Capture Date
SCL
Red algae (unidentified)
Hypnea
Acanthophora
Gracilaria
Centroceras
Spyridia
Chondria
Polysiphonia
Ceramium
Solieiria
Green algae
(unidentified)
Cladophora
Caulerpa
C. mexicana
C. sertularoides
Ulva
Chaetomorpha
Seagrass (unidentified)
Halophila sp.
Halophila englemanii
Halophila johnsonii
Halophila decipiens
Halodule
Syringodium
Fauchea
Sargassum
Dictyota
Other

LAV085
HH4472
HH4473
12/11/17
36.7
0
0.003
0.994
0
0
0
0
0
0
0

LAV073
HH1696
HH1697
8/10/18
69
0
0.994
0
0
0
0
0
0
0
0

LAV088
HH4411
HH4412
9/29/17
43.5
0
0.1
0
0.89
0
0
0
0
0
0

LAV008
HH4833
HH4834
5/24/18
63.4
0
0.292
0.02
0.675
0
0
0
0
0
0

LAV005
HH4852
HH4851
3/16/18
43.2
0.98
0
0
0
0
0
0
0
0
0

LAV043
HH5124
HH5123
7/10/18
39.7
0
0.003
0.994
0
0
0
0
0
0
0

0

0.003

0

0

0

0

0
0
0
0
0
0
0
0
0
0
0
0.003
0
0
0
0
0

0
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0.00301205

0
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0.01

0.01
0
0
0
0
0
0
0
0
0
0
0.003
0
0
0
0
0

0
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0.02

0
0
0
0
0
0
0
0
0
0
0
0.003
0
0
0
0
0.02
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Lavage ID LAV060
LAV063
Tag 1 HH5668
HH4863
Tag 2 HH5669
HH4864
Capture Date
8/15/18
4/6/18
SCL
51.4
40.3
Red algae
0
0
(unidentified)
Hypnea
0.957
0.259
Acanthophora
0.01
0
Gracilaria
0
0.15
Centroceras
0
0
Spyridia
0
0
Chondria
0
0.03
Polysiphonia
0
0.518
Ceramium
0
0
Solieiria
0
0
Green algae
0
0
(unidentified)
Cladophora
0.01
0
Caulerpa
0
0
C. mexicana
0
0
C. sertularoides
0
0
Ulva
0
0
Chaetomorpha
0
0
Seagrass
0
0
(unidentified)
Halophila sp.
0.015
0.03
Halophila englemanii
0
0
Halophila johnsonii
0
0
Halophila decipiens
0
0
Halodule
0.003
0
Syringodium
0
0
Fauchea
0
0
Sargassum
0
0
Dictyota
0
0
Other
0.006
0.013

LAV015
HH5693
HH5691
9/18/18
41.2
0

LAV039
HH5613
HH5614
10/16/18
39
0.95

LAV040
HH5115
HH5116
7/10/18
45.3
0

LAV042
HH5685
HH5686
9/10/18
53
0

0.95
0
0
0
0
0
0
0
0
0

0
0
0
0
0
0
0
0
0
0

0.944
0
0
0
0
0
0
0
0
0.01

0.47
0
0.47
0
0
0
0
0
0
0

0
0
0
0
0
0
0

0
0
0
0
0
0
0

0
0
0
0
0
0
0.01

0
0
0.01
0.02
0
0
0

0
0
0
0
0
0
0
0
0
0.05

0
0
0
0
0
0
0
0
0
0.05

0
0
0
0
0
0
0
0
0
0.036

0
0
0
0.03
0
0
0
0
0
0
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Lavage ID LAV031
Tag 1 HH3821
Tag 2 HH3822
Capture Date
6/13/17
SCL
63.1
Red algae
0
(unidentified)
Hypnea
0.5
Acanthophora
0.13
Gracilaria
0
Centroceras
0
Spyridia
0
Chondria
0.2
Polysiphonia
0
Ceramium
0
Solieiria
0.1
Green algae
0
(unidentified)
Cladophora
0
Caulerpa
0
C. mexicana
0
C. sertularoides
0
Ulva
0
Chaetomorpha
0
Seagrass (unidentified)
0
Halophila sp.
0
Halophila englemanii
0
Halophila johnsonii
0
Halophila decipiens
0
Halodule
0.01
Syringodium
0
Fauchea
0
Sargassum
0
Dictyota
0.02
Other
0.04

LAV021
LAV029
HH4494 HH3846
HH4495 HH3847
12/11/17 7/7/17
43.4
45.5
0.329
0

LAV059
LAV007
HH5617 HH1653
HH5618 HH1654
10/16/18 4/6/18
58.2
62.2
0
0.198

LAV099
HH4488
HH4491
12/11/17
46.1
0

0
0
0.598
0
0
0
0
0
0
0

0.668
0
0
0
0
0
0
0
0.259
0

0.746
0
0.18
0
0
0
0
0
0
0

0.02
0
0.003
0
0
0
0.692
0
0
0

0.46
0
0.45
0
0
0
0
0
0
0.01

0.02
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0.053

0
0
0
0
0.01
0
0
0
0
0
0
0.003
0
0
0
0
0.06

0
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0
0.073

0
0
0
0
0
0
0
0.03
0
0
0
0
0
0
0
0
0.058

0
0
0
0
0
0
0.05
0
0
0
0
0
0
0
0
0
0.03
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Lavage ID LAV041
Tag 1 HH1698
Tag 2 HH1699
Capture Date 8/10/18
SCL
40.1
Red algae
0
(unidentified)
Hypnea
0.788
Acanthophora
0.07
Gracilaria
0.05
Centroceras
0
Spyridia
0
Chondria
0
Polysiphonia
0
Ceramium
0
Solieiria
0
Green algae
0
(unidentified)
Cladophora
0.003
Caulerpa
0
C. mexicana
0
C. sertularoides
0
Ulva
0
Chaetomorpha
0
Seagrass
0
(unidentified)
Halophila sp.
0
Halophila englemanii
0
Halophila johnsonii
0
Halophila decipiens
0.03
Halodule
0.03
Syringodium
0
Fauchea
0
Sargassum
0
Dictyota
0
Other
0.03

LAV013
HH1688
HH1689
7/20/18
56.5
0

LAV046 LAV105
HH5601 HH4787
HH5602 HH4788
8/10/18 1/19/18
47.8
32.8
0
0

LAV049 LAV017
HH1692 HH5604
HH1693 HH5605
7/20/18 9/18/18
57.4
39
0
0

0.66
0.2
0
0
0.04
0
0
0
0
0.01

0.895
0
0
0
0
0
0
0
0
0.04

0.876
0.01
0
0
0
0
0
0
0
0

0.741
0
0
0
0.03
0.099
0
0
0
0

0.03
0.838
0
0
0
0
0
0
0
0

0
0
0
0
0
0
0

0
0
0
0
0
0
0

0
0
0
0
0
0
0.02

0
0.003
0
0
0
0
0

0
0
0
0
0
0
0.01

0.06
0
0
0
0.01
0
0
0
0
0.02

0
0
0
0
0
0
0
0
0
0.066

0
0
0
0
0
0
0
0
0
0.094

0.02
0
0
0
0
0
0
0
0
0.108

0
0
0
0.1
0.01
0
0
0
0
0.012
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Lavage ID
Tag 1
Tag 2
Capture Date
SCL
Red algae
(unidentified)
Hypnea
Acanthophora
Gracilaria
Centroceras
Spyridia
Chondria
Polysiphonia
Ceramium
Solieiria
Green algae
(unidentified)
Cladophora
Caulerpa
C. mexicana
C. sertularoides
Ulva
Chaetomorpha
Seagrass
(unidentified)
Halophila sp.
Halophila
englemanii
Halophila johnsonii
Halophila decipiens
Halodule
Syringodium
Fauchea
Sargassum
Dictyota
Other

LAV103
LAV054
HH4474 HH4872
HH4475 HH4873
12/11/17 3/9/18
49.2
50.3
0.856
0

LAV078
HH1659
HH1660
4/24/18
62.9
0

LAV045
HH4490
HH4492
12/11/17
52.3
0

LAV087
HH5117
HH5118
7/10/18
40.9
0.101

LAV074
HH5655
HH5654
8/10/18
47.4
0

0
0
0
0
0
0
0
0
0
0

0.823
0
0
0
0
0
0.03
0
0
0

0.755
0
0.081
0
0
0
0
0.003
0
0

0.15
0
0.659
0
0
0
0
0
0
0

0.704
0
0
0
0
0
0
0
0
0

0
0.201
0
0
0.592
0
0
0
0
0

0.003
0
0
0
0.07
0
0

0
0
0
0
0
0.02
0

0
0
0
0
0
0
0

0.1
0
0
0
0
0.003
0

0
0
0
0
0
0
0.035

0
0
0
0
0
0.05
0.003

0
0

0.1
0

0
0

0
0

0
0

0
0

0
0
0
0
0
0
0
0.07

0
0
0
0
0
0
0
0.026

0
0
0
0
0
0
0
0.161

0
0
0.01
0
0
0
0
0.078

0.03
0.03
0.04
0
0
0.04
0.01
0.01

0
0
0
0
0
0
0
0.154
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Lavage ID
Tag 1
Tag 2
Capture Date
SCL
Red algae
(unidentified)
Hypnea
Acanthophora
Gracilaria
Centroceras
Spyridia
Chondria
Polysiphonia
Ceramium
Solieiria
Green algae
(unidentified)
Cladophora
Caulerpa
C. mexicana
C. sertularoides
Ulva
Chaetomorpha
Seagrass
(unidentified)
Halophila sp.
Halophila
englemanii
Halophila
johnsonii
Halophila
decipiens
Halodule
Syringodium
Fauchea
Sargassum
Dictyota
Other

LAV056
HH5612
none
10/15/18
44.3
0

LAV070
HH4824
HH4825
7/20/18
41.9
0

LAV018 LAV011
LAV014 LAV016
HH5683 HH4868
HH5698 HH5696
HH5684 HH4869
HH5700 HH5697
9/10/18
3/16/18 9/18/18
9/18/18
47.9
41.7
46.1
45.9
0
0
0
0

0.12
0
0.64
0
0
0
0
0
0
0

0.099
0.079
0.03
0
0.534
0
0
0
0
0

0.57
0
0.1
0
0
0
0
0
0
0

0.4
0
0
0.05
0.18
0
0
0
0
0.05

0.2
0.42
0
0
0
0
0
0
0
0

0.38
0.04
0
0
0
0
0
0
0
0

0
0
0
0
0
0
0

0
0
0
0
0
0
0.003

0
0
0
0.25
0
0
0.01

0
0
0
0
0
0
0

0
0
0
0
0
0
0

0
0
0
0
0.02
0
0

0
0

0
0

0
0

0
0

0
0

0
0

0

0

0

0

0

0

0

0

0.05

0

0.25

0

0
0
0
0
0
0.24

0.247
0
0
0
0
0.009

0
0
0
0
0
0.02

0
0
0
0
0
0.32

0
0
0
0
0
0.13

0
0
0
0
0
0.56
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Lavage ID
Tag 1
Tag 2
Capture Date
SCL
Red algae
(unidentified)
Hypnea
Acanthophora
Gracilaria
Centroceras
Spyridia
Chondria
Polysiphonia
Ceramium
Solieiria
Green algae
(unidentified)
Cladophora
Caulerpa
C. mexicana
C. sertularoides
Ulva
Chaetomorpha
Seagrass
(unidentified)
Halophila sp.
Halophila englemanii
Halophila johnsonii
Halophila decipiens
Halodule
Syringodium
Fauchea
Sargassum
Dictyota
Other

LAV010 LAV061
HH4826 HH1692
HH4827 HH1693
5/24/18 7/20/18
39.5
57.4
0
0

LAV084
HH4441
HH4442
11/18/17
43.7
0.35

LAV082
HH4871
HH4870
3/16/18
55.6
0.322

LAV053
HH4486
HH4487
11/27/17
64.1
0

LAV006
HH1694
HH1695
7/20/18
57.9
0

0.338
0
0.07
0
0.01
0
0
0
0
0

0.396
0.003
0.003
0
0
0
0
0
0
0

0
0
0
0
0
0
0
0
0
0

0
0
0
0
0
0
0
0
0
0

0.31
0
0
0.01
0
0
0
0
0
0

0.299
0
0
0
0
0
0
0
0
0

0
0
0
0
0
0.003
0

0
0
0
0
0
0
0

0
0
0
0
0
0
0.6

0.101
0
0
0
0
0.453
0.03

0
0
0
0
0
0
0.6

0
0.05
0
0
0
0
0

0.547
0
0
0
0
0
0
0
0
0.033

0.545
0
0
0
0
0
0
0
0.01
0.043

0
0
0
0
0
0
0
0
0
0.05

0.03
0
0
0
0
0
0
0
0
0.063

0
0
0
0
0
0
0
0
0
0.08

0.499
0
0
0
0
0
0
0
0
0.153
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Lavage ID
Tag 1
Tag 2
Capture Date
SCL
Red algae (unidentified)
Hypnea
Acanthophora
Gracilaria
Centroceras
Spyridia
Chondria
Polysiphonia
Ceramium
Solieiria
Green algae
(unidentified)
Cladophora
Caulerpa
C. mexicana
C. sertularoides
Ulva
Chaetomorpha
Seagrass (unidentified)
Halophila sp.
Halophila englemanii
Halophila johnsonii
Halophila decipiens
Halodule
Syringodium
Fauchea
Sargassum
Dictyota
Other

LAV083
HH4736
HH4737
1/19/18
45.9
0
0.249
0
0.04
0
0
0
0
0
0
0

LAV019
HH4419
HH4420
11/18/17
43.3
0
0.2
0
0
0
0
0
0
0
0
0

LAV020
HH4778
HH4779
1/19/18
43.3
0
0.04
0
0.1
0
0
0
0
0
0
0

LAV051
HH4455
HH4456
11/27/17
36
0
0
0
0
0
0
0
0
0
0
0

0.698
0
0
0
0
0.003
0
0
0
0
0
0
0
0
0
0
0.01

0
0
0
0
0
0
0.45
0
0
0
0
0.07
0.03
0
0
0
0.25

0
0
0
0
0
0.837
0
0
0
0
0
0.01
0
0
0
0
0.013

0
0
0
0
0
0
0.34
0.05
0
0
0
0.05
0
0
0
0
0.56
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